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Abstract

Among technology-derived nanomaterials, engineered nanoparticles have been extensively
studied to develop novel applications in biology and medicine, including cancer treatment,
bioimaging, biosensing, tissue engineering, drug and gene delivery. The majority of these
biomedical applications lead to the inevitable interaction between nanoparticles and the cell
membrane, which is the first biological barrier that nanoparticles encounter once introduced
into the organism. Understanding nanoparticle-membrane interaction mechanisms is therefore
a priority in the field, both to investigate the effects of nanoparticle on cell structure
and function and to explore their use as synthetic agents for biomedical applications. In
this context, several studies have demonstrated that functionalized gold nanoparticles are
promising tools due to their remarkable core stability, surface functionalization versatility
and compatibility with biological systems.

This thesis investigates the interactions between biomimetic membranes and gold NPs with
a sub-6 nm core, functionalized with an amphiphilic coating. Biomimetic membranes provide
a controlled and simplified environment to capture molecular details of the interactions that
could hardly be studied in real biological membranes, which are too complex. A biophysical
approach was employed in this study, using fluorescence spectroscopy, optical microscopy,
quartz crystal microbalance measurements, small angle X-ray scattering, dynamic light
scattering and zeta potential analysis.

The physicochemical parameters governing gold nanoparticles as synthetic fusogenic
agents were investigated using fluorescence assays and quartz crystal microbalance measure-
ments, revealing how the nanoparticles can serve as a potential tool for artificial membrane
fusion. Furthermore, the effects of nanoparticles on membrane properties were studied in
different biomimetic systems to provide detailed and more complete insights into nanoparticle-
membrane interactions. Changes in membrane morphology and permeability were inves-
tigated using optical microscopy on cell-sized vesicles. NP-membrane interaction in the
presence of osmotic stress was studied using small angle X-ray scattering on small vesicles.
Finally, in line with the aim of increasing biomimicry, an optimized protocol for asymmetric
membranes with lipid compositions mimicking key features of eukaryotic cell membranes was
developed, providing a platform for future studies of NP effects under biologically relevant
conditions.

Overall, the findings of this work broaden our understanding of various aspects of
nanoparticle-membrane interactions from a fundamental perspective, highlighting key factors

that may be relevant for the potential applications of amphiphilic-coated gold nanoparticles.
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Introduction

Over the last decades, interest in nano-sized materials has increasingly grown due to
their wide range of applications in fields such as industry, food technology, environmental
science, medicine, and pharmaceutical research [1-3]. At the nanoscale, materials exhibit
physicochemical properties that differ from those of their bulk counterparts. These unique
properties make nanomaterials attractive for new technological and biomedical applications,
but also raise safety concerns, as their interactions with biological systems are not yet fully
understood [3].

This thesis focuses on the properties and applications of amphiphilic-coated gold nanopar-
ticles (AuNPs). Among the various types of synthetic surface-functionalized nanoparticles [4,
5], AuNPs have attracted significant attention due to their chemical stability, possibility
of versatile surface modification and biocompatibility [6, 7]. The optimized design and
functionalization of AuNPs are essential to ensure that their physicochemical properties
(e.g., size, shape, material composition, and surface chemistry) are tailored to the specific
applications and biological environments in which they are employed [8, 9].

The cell membrane plays a key role as the primary interface for NP-cell interactions.
Cellular membranes are highly dynamic and complex structures that are essential for life,
since they define the boundary between two distinct biological environments [10]. The
presence of a membrane allows the formation of differentiated compartments containing
various chemical species and biomolecules, within which specific chemical reactions can occur.
Cellular compartmentalization is therefore fundamental for the proper functioning of all
physiological processes within the cell.

The structure of the cell membrane was described by S. J. Singer and G. L. Nicolson
in 1972 with the fluid mosaic model [11]. According to this model, membranes consist
of an extremely thin (= 5nm) phospholipid bilayer containing embedded proteins. The
synergy between lipids and proteins ensures the membrane to play a crucial role in cellular

communication, vesicle trafficking, selective transport of molecules, signal transduction, and
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in maintaining the overall integrity and organization of the cell.

The bilayer structure allows the membrane to be flexible and deformable under mechanical
stress, while maintaining selective permeability and compartmentalization. Its fluidity, lateral
mobility of lipids, and intrinsic asymmetry between the inner and outer leaflets enable proper
protein function, domain formation, and signaling. Moreover, the nanomechanical and
geometric properties of the bilayer, including local elasticity and curvature, modulate critical
cellular processes such as budding, fission, and fusion as well as interactions with external
agents, such ad NPs.

The complexity of cellular membranes has led to the development and application of a
wide range of model membrane systems for studying membrane physicochemical properties
under controlled conditions. Model membranes (or biomimetic membranes) have a simplified
composition compared to cellular membranes while reproducing the lipid bilayer structure.
These systems allow the study of membrane interactions with other molecules such as drugs,
proteins, peptides, and nanoparticles [12]. The widespread use of model membranes is also
favored by their relative ease of preparation in the laboratory and their compatibility with
many biophysical analysis techniques.

Among the different types of AuNPs, amphiphilic-coated AuNPs have been extensively
studied as promising candidates for interactions with cellular membranes. Several investiga-
tions have focused on their cytotoxicity, their entry mechanisms through cell membranes [13]
and and their non-disruptive interactions with the lipid bilayer [14]. However, despite the
remarkable knowledge gained on these systems, a complete understanding of NP-membrane
interactions and their potential applications is still far from being achieved.

In this context, this work provides novel contributions in the application of AuNPs as
synthetic fusogenic agents and in the study of their interactions with increasingly biomimetic
membrane models. To this end, amphiphilic AuNPs with varying core sizes were employed in
combination with biomimetic vesicles of different curvatures and lipid compositions, allowing
the exploration of interactions under conditions that progressively approximate biological
complexity. A fundamental understanding of the nano-membrane interface can thus enable

the rational design of tunable biomedical NPs with controlled behavior.

Thesis outline

The contents of this thesis are organized as follows. When experiments were performed

thanks to collaborations, this is explicitly indicated at the beginning of each chapter.

Chapter 1 focuses on a general description of the cell membrane, presented as a
structure based on a lipid bilayer formed through a self-assembly process. The different
lipid species constituting the membrane are discussed. Subsequently, model membranes
are described, with a focus on vesicle-based systems. In the second part, functionalized

NPs and their applications in biomedicine are introduced, with particular emphasis on the
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amphiphilic-coated gold NPs employed in the experiments presented in this work.

Chapter 2 provides a description of the experimental techniques used to investigate NP-
membrane interactions. Each section presents a specific technique, describing the fundamental
physical principles on which it is based. Fluorescence assays and quartz crystal microbalance
with dissipation monitoring (QCM-D) measurements were used in the experiments described
in Chapter 3, while optical microscopy was employed in Chapter 4. Small-angle X-ray
scattering (SAXS) was used for experiments in Chapter 5. Dynamic light scattering (DLS)

and zeta potential measurements were used to characterize both the NPs and the vesicles.

Chapter 3 describes the physical determinants that govern NP-mediated membrane
fusion, with a particular focus on the interplay between AuNP size and vesicle curvature
in modulating the fusion of lipid vesicles. To this end, amphiphilic AuNPs were used to
induce fusion of zwitterionic lipid vesicles composed of fluid-phase phosphocholines (major
components of cellular membranes) and a biologically relevant fraction of cholesterol. This
chapter is based on the papers by Leonardini et al., Nanoscale (2025), and Leonardini et al.,
Advances in Physics X (2026).

Chapter 4 elucidates the interaction between AuNPs and cell-sized lipid vesicles that
provide a powerful platform to probe NP-membrane interactions. Phosphocholine giant
unilamellar vesicles were used to investigate morphological changes induced by AuNPs, an
aspect that has been largely unexplored in interactions between these NPs and this type
of model membrane. The micrometric size of giant vesicles allows direct observation of

membrane morphologies at the single-vesicle level using confocal fluorescence microscopy.

Chapter 5 focuses on how membrane-embedded NPs influence bilayer permeability to
water, driven by osmotic gradients across vesicle membranes. To probe this effect, SAXS
was employed to assess vesicle size changes, which reflect volume variations resulting from

water efflux or influx under different osmotic conditions.

Chapter 6 presents an optimization of a protocol for the preparation of asymmetric
vesicles. In order to obtain more biomimetic models, membrane asymmetry is a key feature
to be reproduced in vitro, as it plays an important role in many cellular functions. However,
generating asymmetric vesicles remains experimentally challenging. This optimization
contributes to the development of improved experimental methods for the preparation of
asymmetric vesicles, which can be used in future experiments to study interactions with
NPs, whose mechanisms have so far been poorly investigated in lipid membranes of such

complexity.

Details on the materials and methods used for vesicle preparation are reported in
Appendix A. An overview of AuNP synthesis and their characterization is provided in

Appendices B and C.






CHAPTER 1

Lipid membranes and nanoparticles

This chapter introduces the main characteristics of lipid membranes and their interactions
with synthetic surface functionalized NPs. It first provides a general overview of the cellular
membrane in its native biological context and in simplified biomimetic model systems. Then
the main properties of amphiphilic-coated AuNPs are introduced as well as their mechanisms

of interaction with lipid membranes.

1.1 The cell membrane

The cell membrane (or plasma membrane) (Figure 1.1) is a thin boundary that separates
the interior of the cell from the external environment and is present in all prokaryotic and
eukaryotic cells. The membrane should be considered as a dynamic system rather than a
static barrier. Despite its small thickness, its complex structure and composition, mainly
lipids and proteins, regulate the selective transport of ions and chemical species essential
for fundamental cellular processes into and out of the cell. As a selectively permeable
barrier, the plasma membrane regulates cellular metabolism by controlling nutrient uptake
and intercellular communication [15]. The plasma membrane can be considered as a two-
dimensional elastic material. Its thickness is on the order of a few nm, while its lateral
dimensions are on the order of pm. Eukaryotic cells typically have diameters in the range
(10 — 50) pm, thus roughly modeling the cell as a sphere results in a plasma membrane

surface area of approximately (300 — 8000) j1m?

. This strong separation of length scales
justifies the physical and mathematical treatment of the plasma membrane as a planar sheet.
Moreover,due to its flexibility, the membrane is able to change its shape and adopt different
morphologies depending on the its functions. Membrane shape changes can be naturally

induced by thermal fluctuations or by applied forces. Typical processes involving membrane
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Figure 1.1 — Schematic representation of the plasma membrane of a eukaryotic
cell. The matrix of the membrane consists of a phospholipid bilayer embedding various
protein molecules. On the inner leaflet, a network of filaments known as the cytoskeleton
is anchored via specific proteins. Toward the extracellular space, carbohydrate chains
extend from the membrane surface. Cholesterol molecules (in yellow) are also present
and play a fundamental structural role.

deformations include budding and fusion. The properties of biological membranes depend
on the physicochemical properties of their constituents. As previously mentioned, the main
components of biological membranes are lipids, molecules characterized by a hydrophilic
region, referred to as the polar head, and a hydrophobic region, known as the apolar tail.
For this reason, lipids are classified as amphiphilic or amphipathic molecules. This molecular
structure allows lipids, at specific concentrations, to interact with water and spontaneously

organize into different structures, including bilayers [16].

1.1.1 Lipid composition

Biological membranes are asymmetric and heterogeneous structures. The monolayers that
make up the membrane, also called leaflets, are classified as outer and inner leaflets, depending
on whether they face the extracellular environment or the cytosol, respectively. In these two
leaflets, both the quantity and type of lipids present are different. This type of asymmetry is
known as transverse asymmetry. In addition, the presence of lipid aggregations and clusters
along the membrane plane results in lateral heterogeneity [12, 17].

Under physiological conditions, membrane lipids undergo a variety of motions, some of
which are extremely rapid. These include molecular vibrations occurring on timescales of
approximately (107 —107!2)s, as well as rotational diffusion on the order of 107 s. Lateral

diffusion of lipids within the same monolayer is also fast, taking place on timescales ranging
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from (107'° — 107%) s to cover distances in the range of a few nanometers up to hundreds
of nanometers [18]. In contrast, transverse diffusion (or flip-flop) is much slower, typically
occurring on timescales from 10%s to hours or even days. Indeed, this process involves the
passage of polar head groups through the hydrophobic core of the membrane, making it
energetically unfavorable. [19]. The asymmetric distribution of lipids in the membrane is
essential for proper cell function. For example, in eukaryotic cells, the carbohydrate groups
of glycolipids are always oriented toward the exterior of the plasma membranes, where they
participate in molecular recognition processes. In vivo, the lipid asymmetry is actively
maintained by ATP-dependent proteins called flippases and floppases. Defects in these
proteins can disrupt cellular processes and contribute to pathological conditions [20].

The three main classes of plasma membrane lipids are glycerophospholipids, sphingolipids,
and sterols [20, 21]. In mammalian cells, the outer leaflet is enriched in phospholipids
and choline-containing sphingolipids, while the cytoplasmic leaflet mainly contains amine-

containing phospholipids (Figure 1.2).

Figure 1.2 — Percentage distribution of phospholipids in the inner and outer leaflets
of the human erythrocyte membrane, including phosphatidylcholine (PC), phos-
phatidylethanolamine (PE), phosphatidylserine (PS), phosphatidylinositol (PI), phos-
phatidylglycerol (PG), and sphingomyelin (SM). Adapted from Pignatello et al [22].

Glycerophospholipids (GPLs) are the most abundant lipids in cell membranes. As shown
in Figure 1.3, they consist of two fatty acids of varying composition esterified to glycerol, which
is in turn linked to a phosphate group, forming phosphatidic acid. Several alcohol groups can
be esterified to the phosphate group, defining the specific type of GPL. Depending on the
substituent, phosphatidylcholine (PC), phosphatidylethanolamine (PE), phosphatidylserine
(PS), phosphatidylinositol (PI), phosphatidylglycerol (PG) can be obtained. This group of
molecules is generally referred to as phosphatides. A broader variety of glycerophospholipids
exists. They differ not only in the polar head group but also in the structure of the acyl chains,
which can be saturated (without double bonds) or unsaturated (with one or more double
bonds), and have double bonds at different positions'. The nature of fatty acids strongly

influences the physicochemical properties of phospholipids and the membrane behavior.

1To compactly indicate the structure of a fatty acid, the notation (XX:Y, n-Z) is used, where XX is the
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Figure 1.3 — Schematic of a glycerophospholipid, and its building blocks. The
first block (blue) represents the two fatty acids forming the hydrophobic tails of the
phospholipid, esterified to glycerol. Glycerol is shown in pink, linked to the polar head
group composed of the phosphate and alcohol groups (green). The main headgroup
substituents are represented in the green frame. Adapted from [21].

Sphingolipids (SLs) are mainly present in the outer leaflet of the plasma membrane.
The backbone of sphingolipids is the sphingoid base, which also constitutes one of the two
hydrophobic chains of the lipid (Figure 1.4). The main mammalian sphingoid bases are
dihydrosphingosine (DHS) and sphingosine (SPH), while DHS and phytosphingosine (PHS)
are the main bases in yeast. Typically, a fatty acid is attached to sphingosine via an amide
bond, forming ceramide. The lipid head group is then attached to ceramide, and depending
on the molecule, the sphingolipid is named accordingly. Different sphingolipid species are
distinguished by the sphingoid base, the acyl chain, and the head group.

Sphingomyelins are fundamental for the nervous tissue of higher animals and represent
a subclass of phosphorus-containing sphingolipids, in which phosphocholine is esterified to
ceramide. Another class of molecules derived from ceramides, present in the membranes of
mammalian nervous and muscle tissues, are glycosphingolipids. These consist of a ceramide
linked to one or more sugar residues (Figure 1.5a). More complex lipids in this category are
gangliosides, consisting of a ceramide backbone with three or more esterified sugars, which
carry a net negative charge at neutral pH. In plasma membranes, glycosphingolipids are
present at lower concentrations compared to other lipid classes and are mainly involved in
cell-cell recognition. In particular, gangliosides, which are located in the outer leaflet of
cellular membranes, especially in neurons, play a key role in modulating membrane protein

function, ion channels, and cellular communication [23] [24].

number of carbon atoms in the chain, Y is the number of double bonds, and Z is the position of the first
double bond counting from the w terminal carbon.
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Figure 1.4 — Schematic of a sphingolipid, and sphingoid bases. Sphingosine (pink) is
a carbon amino alcohol that replaces glycerol in glycerophospholipids. Through an amide
bond, a fatty acid (N-acyl chain, blue) is attached to sphingosine. These two blocks
together form ceramide, to whose the lipid head group is attached (green). The pink inset
on the right shows the three sphingoid bases: dihydrosphingosine (DHS), sphingosine
(SPH, shown on the left), and phytosphingosine (PHS). Adapted from [21].

Figure 1.5 — (a) Schematic representation of a glycosphingolipid. One or more head groups
(sugar units) can be attached to ceramide, exhibiting different configurations depending
on the sugar composition. (b) Cholesterol consists of 4 steroid rings (pink), with a
hydroxyl group (green), two methyl groups, and a carbon aliphatic chain. Adapted
from [21].

Among sterols, cholesterol (chol) is the most abundant in eukaryotic plasma membranes.
Its structure is shown in Figure 1.5b. Cholesterol consists of three six-membered rings and
one five-membered ring, a hydroxyl group, and a hydrophobic side chain. The relatively rigid
ring system and weakly polar hydroxyl group have fundamental structural consequences on
membranes. Cholesterol positions itself roughly parallel to the acyl chains of phospholipids
and perpendicular to the membrane plane, being almost completely immersed in the hy-
drophobic region of the bilayer, forming a hydrogen bond between its hydroxyl group (green
in Figure 1.5) and the carbonyl oxygen of the adjacent phospholipid. Under physiological
conditions, the interaction between cholesterol and fatty acids modifies the bilayer behavior,
preventing chain crystallization on one hand and reducing fluidity on the other. Furthermore,
by making the membrane less deformable, it also decreases its permeability to small polar

molecules [22].
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1.1.2 Lipid bilayer self-assembly

Lipids belong to a broader class of molecules known as amphiphilic molecules, including
surfactants, some copolymers, and proteins. The feature shared by all these compounds is
their ambivalent behavior in aqueous environments, which leads them to spontaneously form
complex structures in order to minimize the free energy of the system. This is achieved by
avoiding exposure of the hydrophobic regions to water, keeping the hydrophobic moieties in
contact, and exposing the hydrophilic groups to the surrounding medium. As a consequence
of the hydrophobic effect, aggregates such as micelles (spherical or cylindrical), bilayers, and
vesicles are formed. Depending on the conditions of the aqueous solution, these aggregates
can transform into one another, for example in response to changes in pH, temperature,
ionic strength, or amphiphile. The intermolecular interactions within these aggregates
are predominantly weak interactions, including van der Waals forces, hydrogen bonding,
hydrophobic and electrostatic interactions.

In the following sections, the general thermodynamic principles leading to the aggre-
gation of molecules in solution will be discussed, followed by an analysis of the geometric
characteristics of amphiphilic molecules that determine the variety of possible aggregate

morphologies [25, 26].

Critical Micelle Concentration (CMC). Consider a solution containing identical solute
molecules that aggregate into structures, and let N be the aggregation number, i.e., the
number of molecules forming each structure (N = 1,2,3,...). Let X be the volume fraction
of molecules found in aggregates of aggregation number N, and let C' be the total solute
concentration,

C= i Xy . (1.1)

N=0
The chemical potential of a molecule within a structure of aggregation number N is:
kT . Xn

— 0 log == 1.2
KN MN+NOgN (1.2)

where 1% is the free energy per molecule in an aggregate of N molecules. The total
energy per aggregate is NuQy. Equations (1.1) and (1.2) completely define the system. At
thermodynamic equilibrium, all molecules have the same chemical potential. Considering
two generic aggregates of size M and N:

]{IBT XN kBT XM
0+ 2 Jog =8 = 10 4+ 2 Jog =2 L.

from which the distribution function for Xy is obtained:

v Xu (s — 1)1\
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which can have maxima at multiple values of N. Setting M = 1 and rewriting the relation:

T
Xv=N<{X exp——— 1.5
v=n {2t (15)

it can be concluded that the necessary condition for forming large stable aggregates is
1S < ud for some values of N. This condition can be met if % is a decreasing function of
N, or if 4% has a minimum for some N. For simple geometries (cylinders, planes, spheres),

a general function for y%; can be written:

O./ICBT
NP

pn = o + (1.6)
where —akgT' is the monomer-monomer binding energy relative to isolated monomers in
solution (v > 1 generally) and p is the inverse of the aggregate dimensionality (p = 1,1/2,1/3
for 1D, 2D, 3D aggregates, respectively). Substituting Eq. (1.6) into Eq. (1.5) gives an

expression for Xy:

uo_,uo N
XN:N{XlexplN} =

kT N (1.7)
1 oA N
:N{Xlexp[a(l—]vp)]} ~ N{X;e*}" .
For low monomer volume fractions X5, such that X; e* < 1, we have X; > X5 > ... > Xy, so

@ all added monomers

that X7 ~ C. Since X must always be less than unity, when X; ~ e~
cannot remain isolated in solution and therefore aggregate. If u%; follows the monotonically
decreasing function in Eq. (1.6), there is always a critical value (X;). = CMC ~ e™® Vp,
where isolated molecules coexist with an aggregate. This critical value is called the critical
aggregation concentration (CAC), or more commonly the critical micelle concentration

(CMC) (Figure 1.6).

Geometric Packing Parameters. Different types of amphiphilic molecules exist and
can exhibit several physicochemical properties, depending on the size and charge of their
polar heads, the length of their apolar chains, and the number of chains. In general, despite
the complexity of these molecules, relatively simple geometric parameters can be defined to
determine the type of aggregate that can form from a given amphiphilic molecule.

These parameters correspond to the optimal polar head area ag, the critical hydrophobic
tail length /. (the maximum length the chain can adopt), and the volume of the hydrocarbon
tails v. Asshown in Figure 1.7, two fundamental opposing forces act at the water-hydrocarbon
interface and determine the optimal area per molecule at equilibrium. The repulsive force
between polar heads tends to push them apart to maximize exposure to the aqueous phase

(energetically favorable), and the attractive interfacial force tends to reduce the area per
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Figure 1.6 — The graph shows the volume fraction of monomers (X1) and aggregates of
aggregation number N (Xy) as a function of the total solute concentration C'. The
transition occurs at the CMC, below which the solute exists in the isolated monomer
state, and above which aggregates begin to form. For large N, the transition is sharper
compared to smaller N (dashed line). Reprinted with permission from [25]. Copyright
(2011), Elsevier Inc.

Figure 1.7 — Representation of general geometric parameters that describe an amphiphilic
molecule and the intermolecular forces and hydrocarbon-water interface forces. The
balance between the repulsive forces between polar heads and the attractive hydrophobic
forces at the interface determines the optimal area ag, at which the free energy pl’ reaches
a minimum. Reprinted with permission from [25]. Copyright (2011), Elsevier Inc.
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molecule to minimize exposure of hydrophobic tails to water. The total interfacial free energy
£ can be written as a function of the area per molecule a, accounting for the attractive

and repulsive contributions:
0 K
py =yat — (1.8)
where v is the interfacial tension and K is a constant. Differentiating gives the optimal area

corresponding to the minimum interaction energy per lipid molecule:

K
15 (min) = 2vay , with ag =/ — . (1.9)
Y

Finally, Eq. (1.8) can be rewritten in terms of ag to obtain a relation for the free energy in

terms of known and measurable parameters:

1S = 2vag + %(a — ag)? (1.10)

A dimensionless parameter called the critical packing parameter P. = v/(agl.) can
be defined, which determines the aggregate geometry for a given molecule. Changing
external conditions (e.g., salt concentration affecting electrostatic forces) can alter this
factor. In Figure 1.8, P. values, amphiphilic molecules shapes and the corresponding
aggregates are shown. Amphiphilic molecules that tend to form bilayers have hydrocarbon
tails occupying roughly twice the volume per agl. compared to molecules forming spherical
micelles. Therefore, molecules best suited for bilayer formation are those with double
hydrocarbon tails. Phospholipids, the most abundant class of lipids in cell membranes, have
this characteristic. The presence of double tails increases lipid hydrophobicity, and the CMC
ranges between 1071 M and 1075 M, lower than for micelle-forming molecules. Furthermore,
Eq. (1.6) can be rewritten with p = 1/2:

(Ik‘BT

0 0
— 0 4 1.11
v =l T (1)

which, when substituted into Eq. (1.5), gives
Xy = N(X;e*)V exp [—ole/Q} (1.12)

Above the CMC, when e* ~ 1, as N increases, the concentration Xy of aggregates of
size N decreases exponentially, so that each added lipid aggregates into a planar sheet.
The formation of theoretically infinite lipid bilayers is energetically unfavorable in aqueous
environments, as hydrophobic edges would remain exposed. This drives bilayers to close onto
themselves, joining exposed hydrophobic regions, forming vesicles. This process introduces
curvature to the bilayer and requires energy, which must be included in the overall energy

balance. Both planar bilayers and vesicles serve as models for studying biological membranes.
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Figure 1.8 — Packing parameters, packing shapes, and corresponding aggregate structures.

The fluidity of a membrane depends on its phospholipid composition, cholesterol con-
centration, and physicochemical parameters of the environment, such as pH, ionic strength,
and temperature. The hydrocarbon tails can bend and fold, adopting different orientations
depending on the chain length and degree of unsaturation. At low temperatures, lipids are
highly ordered and form a gel phase, in which the chains are fully extended, the surface
area per lipid is minimal, and bond rotations are restricted. In most cases, increasing the
temperature leads to phase transition. In particular, the system shifts from the gel phase or
solid-ordered phase (S,) to a liquid-crystalline or liquid-disordered phase (Lq). This results

in increased chain disorder and higher membrane fluidity (Figure 1.9).

The temperature at which the phase transition occurs is called the transition or melting
temperature (melting temperature, T,) [27]. The transition is an endothermic and collective
process, during which heat is absorbed by the lipid system and the behaviour of a few
molecules influences that of nearby molecules. In heterogeneous membranes, a sufficient
amount of sphingolipids and cholesterol induces a third structural phase in the bilayer, called

the liquid-ordered phase (L, ), which exhibits acyl chain ordering typical of S,, but rotational
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(molecular orientation) and lateral (molecular position) diffusion similar to that of the Lq
state. Below the transition temperature (7' < Ty,), when the system is in the solid-ordered
state, cholesterol increases membrane fluidity by reducing acyl chain packing due to its rigid
planar structure. Conversely, for T > T}, cholesterol decreases membrane fluidity; its rigid
hydrophobic portion intercalates the hydrocarbon chains in their fluid state, promoting a

more ordered configuration [28] [29].

Figure 1.9 — Phase transitions in lipid bilayers. The main transition occurs between
the gel phase and the liquid-disordered phase, with the melting temperature indicated as
Tw- In both the gel and liquid-disordered phases, the addition of cholesterol modifies
membrane structure and gives rise to a third structural phase called the liquid-ordered
phase. Adapted from [30].

1.2 Membrane models

Cell membranes are systems that are very difficult to study directly in their native state.
Therefore, since the last century, simpler membrane models have been developed to mimic
the lipid organization of membranes in their fundamental components. Model membranes
are used to investigate the structure and properties of cellular membranes, as well as their
interactions with biomolecules (e.g., proteins) and synthetic compounds (e.g., surfactants,
drugs and NPs) [31]. The most commonly known and used biomimetic systems can be
divided into two categories: model membranes on surfaces and model membranes in solution.

Each of these systems has advantages and limitations, and the choice of the system

depends on the phenomenon under study as well as the experimental technique used.
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Supported lipid membranes. Supported membranes include lipid monolayers at the
air-water interface and supported lipid bilayers (SLBs). Monolayers at the air-water interface
are typically prepared by spreading lipids from an organic solution at an aqueous surface.
Since these model membranes consist of a single layer, they are often used to study lateral
lipid diffusion, since the mobility of molecules is close to that in biological membranes. In
the case of SLBS, lipids are arranged with the polar heads of the first monolayer in contact
with the substrate (e.g., mica, glass, silicon dioxide), while the hydrocarbon tails are in
contact with the tails of the next monolayer, which exposes its heads to the external aqueous
environment. The flat topology of SLBs makes them ideal for surface-sensitive techniques such
as total internal reflection fluorescence microscopy, reflectometry and diffraction, Langmuir
isotherms, QCM-D, and atomic force microscopy. However, strong interactions with the solid
support may restrict lipid and protein mobility, denature large transmembrane proteins and
affect membrane mechanics and curvature. Variants such as polymer-cushioned SLBs [32]
or pore-spanning membranes [33] can partially reduce these drawbacks by decoupling the

bilayer from the support.

Small and large unilamellar vesicles. Vesicles are spherical compartments composed
of one or more lipid bilayers. In these structures, the membrane is in contact with water
both inside and outside. Multilamellar vesicles (MLVs) are composed of several concentric
bilayers forming an onion-like structure, while unilamellar vesicles are formed by a single lipid
bilayer. Various protocols describe the preparation of vesicles depending on the size. Small
and large unilamellar vesicles (SUVs and LUVs) are bilayer vesicles of approximately 50 nm
(SUVs) and 50 nm (LUVs) in diameter. Their small size results in highly curved membranes,
especially in SUVs. Standard methods for vesicle production typically result in symmetric
bilayers, so that the inner and outer monolayers have the same lipid composition. Recently,
protocols have also been developed to produce asymmetric vesicles [34]. SUVs and LUVs are
not optically resolvable with conventional microscopy, so experiments are typically conducted
in bulk using ensemble fluorescence spectroscopy, scattering techniques (e.g., neutrons, X-
rays) [35, 36], nuclear magnetic resonance (NMR), electron paramagnetic resonance, and
calorimetric techniques. SUVs and LUVs are straightforward to prepare in large quantities
with defined compositions. Their main advantages include high reproducibility, suitability
for high-throughput assays, and compatibility with reconstitution of fusion proteins and
incorporation of NPs. However, their ensemble nature averages over many events, making it

difficult to resolve transient intermediates and rare events.

Giant unilamellar vesicles. Giant unilamellar vesicles (GUVs) are cell-sized lipid com-
partments with diameters typically in the range (5—100) pm. GUV membranes are effectively
planar and closely mimic the geometry and mechanical properties of cellular plasma mem-

branes, making them an ideal platform for investigating interactions with external agents
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such as NPs. Their principal advantage is that they can be directly observed using optical
microscopy. In addition, their large size enables real-time visualization of membrane processes
at the single-vesicle level. GUVs can be mechanically and chemically manipulated using
techniques such as micropipette aspiration, optical tweezers, electric fields, and microfluidic
approaches, providing fine control over membrane tension, curvature, and environmental
conditions [37-39]. As a result, GUVs are particularly suited for investigating membrane
morphology changes, including budding and tubulation, as well as for quantitative mea-
surements of mechanical parameters such as bending rigidity and membrane tension [40].
In addition, GUV-based experiments generally require smaller amounts of lipid material
compared to SUV/LUV preparations. Despite these advantages, GUV preparation protocols

can result in low production efficiencies, depending on lipid composition.

Figure 1.10 — Examples of model membranes on surfaces (air-water monolayer, SLBs) and
in solution (unilamellar vesicles of increasing size). Created in Biorender.

For the experiments presented in this thesis, I prepared and used vesicles of different sizes.
In particular, symmetric SUVs and LUVs were employed in Chapters 3 and 5, symmetric
GUVs in Chapter 4, and MLVs and LUVs in Chapter 6.
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1.3 The NP-membrane interface

Synthetic surface functionalized NPs have become key tools in a wide range of modern
technological applications, due to their unique physicochemical properties arising at the
nanoscale. Typically, NPs have sizes in the range (1 — 200) nm, a scale at which materials
exhibit a markedly high surface area-to-volume ratio. This feature leads to enhanced surface
reactivity and to size-dependent optical, magnetic, and electronic properties that are not
observed in bulk materials [7, 41-43].

In this thesis, the focus is on the interaction between NPs and cellular membranes.
Therefore, particular attention is given to biomedical applications, where NPs are widely
used in medical imaging, diagnostics, therapy, and drug delivery [44-47]. AuNPs, iron oxide
NPs and quantum dots are employed to enhance contrast in imaging techniques such as
fluorescence imaging, magnetic resonance imaging, enabling more efficient disease detection [6,
48, 49]. In addition, certain metallic NPs such as silver or copper exhibit strong antimicrobial
activity and are used in medical devices to prevent infections [50]. In cancer treatment,
inorganic NPs are widely used in strategies such as photothermal therapy, allowing localized
treatment of tumors with improved efficiency [51, 52|. Functionalized NPs can also be
used as carriers for the delivery of therapeutic molecules (e.g, chemotherapeutic agents
and drugs) directly to specific tissues or cells, reducing side effects [53, 54]. Understanding
the physicochemical factors governing NP-membrane interactions is therefore essential for
the rational design of safe and efficient NPs. Their main advantage lies in their tunable
physicochemical properties, which enable precise control of their behavior with biological
systems both in vitro and in vivo. Key structural parameters of NPs regulating their
interactions at the NP-membrane interface include the material, size, shape of the NP core,
and the surface functionalization [55, 56] (Figure 1.11).

The material of the NP core determines its intrinsic functional properties of the NPs,
such as optical absorption, magnetic response, catalytic activity and biocompatibility. In
addition, NP size and shape influence cellular uptake mechanisms, membrane interactions,
and subcellular trafficking [57, 58].

Among these parameters, surface functionalization represents a critical factor enabling
the use of NPs in biomedical applications [59]. Due to their high surface free energy,
bare NPs tend to be unstable, thus they are typically coated with ligands that form a
stabilizing shell around the core. This coating is designed to ensure colloidal stability
and solubility in aqueous solutions, as well as to direct the interactions of NPs within
biological environments. Surface ligands can be engineered to provide electrostatic or steric
stabilization, reduce nonspecific protein adsorption and enhance biocompatibility, Moreover,
surface functionalization provides a versatile platform for further functional modifications,

including the attachment of therapeutic cargo [60].

NPs can enter cells through different mechanisms, which are generally classified into
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Figure 1.11 — Schematic representation of the main physicochemical properties of NPs that
govern their interactions with biological membranes. NP size, shape, surface properties
(charge and hydrophobicity), and material composition influence interactions at the
NP-membrane interface. Created in Biorender.

passive and active processes [61-63]. These mechanisms have been studied both in vivo, using
living cells, and in vitro, using model membrane systems. The specific pathway adopted
depends on various factors, primarly the physicochemical properties of NPs (e.g., size, mor-
phology, surface functionalization). In general, cellular internalization occurs via active,
energy-dependent pathways, such as endocytosis, which can involve several mechanisms
including clathrin-mediated endocytosis, caveolae-mediated endocytosis, macropinocytosis,
and phagocytosis [64-67]. On the other hand, passive translocation includes the direct
adsorption of NPs onto the membrane surface and their spontaneous penetration into the
lipid bilayer [68]. Passive uptake does not require energy from the cell and is mediated by
weak interactions between the cell membrane and NPs, such as van der Waals interactions,
electrostatic interactions, hydrophobic forces, hydration forces, and also steric repulsion.
Thermal fluctuations can also play a role in this process. Importantly, passive translocation
can bypass endocytic pathways, preventing entrapment and potential degradation of NPs in
endosomes, which is the major limitation of active, energy-dependent cellular internaliza-
tion [69, 70]. Nevertheless, passive mechanism can lead to membrane damage, including the

formation of pores [71].
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1.3.1 Amphiphilic ligand-coated AulNPs

AuNPs have emerged as one of the most extensively studied systems in biomedicine due
to the advantages offered by gold, including chemical inertness, resistance to oxidation,
and excellent biocompatibility. Furthermore, AuNPs provide optical properties arising
from localized surface plasmon resonance (LSPR), which enables strong absorption and
scattering of light in the visible and near-infrared regions. These properties have been
widely exploited for biomedical imaging, biosensing, surface-enhanced Raman scattering
(SERS), and photothermal therapy [72]. In addition, the gold surface forms strong bonds
with thiolated molecules (Au-S binding energy (170 — 210) kJ mol™"), enabling precise and
versatile control over surface functionalization [6, 59, 73].

Figure 1.12 shows a schematic representation of the AuNPs used in this thesis, consisting
of a gold core with a sub-6nm diameter, functionalized with a mixture of amphiphilic
ligands. These AuNPs were synthesized following a thiol-for-oleylamine ligand exange using
a passivated thiol coating to obtain particles with diameters between (2 — 6) nm, a size
comparable to that of the lipid bilayer [74]. The amphiphilic coating is obtained by mixing the
apolar alkylthiol 1-octanethiol (OT) with the anionic thiol 11-mercapto-1-undecanesulfonate
(MUS), which contains an apolar alkyl chain and a charged terminal group, in a 2:1 molar
ratio (MUS:OT). These NPs were synthesized by Dr. Ester Canepa during an internship in
the group of Prof. Francesco Stellacci at EPFL (Lausanne, Switzerland). A general overview
of AuNP synthesis is provided in Appendix B. Depending on the molar ratios used, these
ligands determine both the colloidal stability in water and buffer solutions and the surface
charge density of the NPs. Moreover, the small size of the NPs conferes to the linear alkyl
chains on the NP surface significant ligand flexibility that facilitates the NP interaction with

lipid membranes (as explained later).

Figure 1.12 — Cartoon of the amphiphilic AuNPs employed in the experiments described
in this thesis. Anionic NPs were prepared using mixtures of MUS:OT. The sulfonate
(—SO3 ) terminal group provide electrostatic repulsion, ensuring colloidal stability in
aqueous environments and defining the surface charge density of the NPs [74].
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In slico insights into passive NP penetration of amphiphilic AuNPs

The molecular details of MUS:OT NP insertion into lipid bilayers have been extensively stud-
ied using computational approaches, including both coarse-grained and atomistic molecular
dynamics simulations [75-77]. These investigations indicate that the insertion mechanism is
similar to the membrane incorporation of certain amphiphilic peptides such as cell-penetrating
peptides (CPPs) [78] [79]. In particular, the hydrophobic and hydrophilic moieties on the NP
surface can mimic key features of the natural structure of more complex amphiphilic proteins,
whose amphipathicity and conformational flexibility are essential for non-specific interactions
with membrane lipids [80]. The insertion of amphiphilic AuNPs into lipid bilayers is favored
by the reduction in the hydrophobic ligand surface exposed to water when the NP comes
into contact with the bilayer hydrophobic region. Nevetheless, the process initially appears
energetically unfavorable because it involves the penetration of charged groups into the
hydrophobic core of the bilayer. However, the small size of the AuNPS confers free volume
available to each surface ligand, giving them high conformational flexibility. This flexibility
allows ligands to reorganize upon membrane insertion, burying the apolar alkyl chains of
both OT and MUS within the hydrocarbon region of the lipid tails, and exposing the charged
sulfonate groups towards the polar aqueous interface. This ligand rearrangement, commonly
referred to as snorkeling, enables the NP to adopt a stable anchored configuration within
the membrane, which is further supported by local elastic deformation of the bilayer around
the NP (Figure 1.13a) [75, 81].

Simulations indicate that this configuration is achieved through the sequential steps
drived by the translocation of the charged terminal groups across the bilayer [82]. Each
translocation step requires overcoming an energy barrier associated with the flipping of the
charged groups across the membrane, to reach the final favorable entry state (Figure 1.13b).
The energetic cost of this process depends on several factors, including ligand composition
and structure on the NP surface, as well as membrane lipid composition.

An important factor governing the insertion pathway is the NP size. Ligand flexibility
decreases with increasing core size, making the snorkeling rearrangement progressively more
difficult. Conversely, larger NPs expose a greater hydrophobic surface area to water, which
favors membrane embedding. Therefore, a favorable energetic configuration that is strongly
dependent on the composition of the ligand mixture exists. An increase in the hydrophobic
fraction of ligands broadens the NP size range that allows spontaneous insertion into lipid
bilayers. For the 2:1 MUS:OT AuNPs used in this thesis, experimental and computational
studies indicate that NPs with core sizes of approximately (2 — 6) nm are the most effective
at undergoing passive membrane penetration, whereas larger particles or particles with fully

charged ligands tend to enter cells mainly through via endocytosis [13, 81, 83, 84].
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Figure 1.13 — (a) The NP is passively incorporated into the bilayer, instead of remaining
adsorbed on the membrane surface via electrostatic interactions. The final transmembrane
state of the NP, stabilized by ligand snorkeling, is shown. The ligands rearrange to
orient their charged groups out of the bilayer. The bilayer is modeled with a spring-like
representation to illustrate its deformation around the NP during insertion. Reprinted
with permission from Van Lehn et al [81]. Copyright (2013) American Chemical Society.
(b) After the NP adsorbs onto the bilayer, hydrophobic contacts between the NP
hydrophobic ligand surface and the lipid tails trigger partial embedding of the NP into
the membrane core. A charged ligand (orange beads indicate the charged terminal groups)

facilitates the anchoring transition. Reprinted from Canepa et al [14], licensed under CC
BY 4.0.

AuNPs interactions with lipid membranes

These AuNPs have been shown, both in vitro and in vivo, to spontaneously penetrate the
cellular membrane of various mammalian cells through an energy-independent diffusion
process without causing membrane disruption. Verma et al. [13] investigated the cellular
uptake of MUS:OT AuNPs in dendritic cells (Figure 1.14a) and mouse embryonic fibroblasts
at 37°C and 4°C. At physiological temperature, the NPs exhibited diffuse intracellular
fluorescence, consistent with cytosolic localization. Notably, uptake was also observed at
4°C, where energy-dependent processes such as endocytosis are suppressed, indicating that
MUS:OT NPs can cross the plasma membrane via a passive, energy-independent mechanism.

Direct evidence of NP translocation across the plasma membrane was also obtained using
erythrocytes, which are naturally non-endocytic cells [85]. In Figure 1.14b, erythrocytes
incubated with MUS:OT NPs show diffuse intracellular fluorescence, while no calcein perme-
ation is observed, indicating that the NP interaction does not disrupt the membrane. This
suggests that the NPs can enter cells without compromising membrane integrity, achieving
a homogeneous cytosolic distribution and avoiding leakage of small hydrophilic molecules.

Similar investigations were extended to other cell types, including cancer cell lines [86].
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These studies examined NP uptake at different temperatures and with different NP surface
compositions, showing that membrane translocation can occur rapidly, often within a few
minutes or even less [83]. In addition, these works confirmed that a MUS:OT molar ratio of

approximately 2:1 represents the most favorable composition for efficient membrane insertion.

Figure 1.14 - Amphiphilic AuNP interactions with real cell membranes in vitro. (a)
Dendritic cells incubated with BODIPY-labeled (red) MUS:OT (2:1-4.5nm) AuNPs show
diffuse intracellular fluorescence. The NPs were incubated for 3h in serum-free medium
at 37°C. Reprinted with permission from Verma et al [13]. Copyright (2008) Springer
Nature. (b) Human erythrocytes incubated with BODIPY-labeled MUS:OT (2:1-2.3nm)
AuNPs show diffuse intracellular fluorescence, while no calcein (green) permeation is
observed, indicating that the NP interaction does not disrupt the membrane. Cells were
incubated with NPs at 0.28 mgmL ™" and calcein at 20 ugmL™! for 3h at 37°C. Cells
were imaged by confocal microscopy (scale bar in the left panel: 50 pm). Reprinted with
permission from Atukorale et al [85]. Copyright (2015) RCS.

Following the initial observations in cells, the mechanisms of interaction between AuNPs
and membranes were systematically investigated in biomimetic lipid bilayers. Leakage
fluorescence assays and QCM-D experiments demonstrated that both anionic and cationic
NPs are able to penetrate neutral zwitterionic bilayers without disrupting the membrane [14].
Moreover, Canepa et al. [87] investigated NP interactions with complex membranes exhibiting
phase separation, characterized by the coexistence of disordered regions and ordered domains,
mimicking lipid rafts. In this work, atomic force spectroscopy was employed, which, like
transmission electron microscopy (TEM), enables the study of NP-membrane interactions
without the use of fluorescent probes, thus avoiding potential artifacts from dye-altered
ligands behavior. The combination of experimental and computational approaches revealed
the time-dependent aggregation of NPs, which perturbs phase separation by disrupting the
ordered domains and progressively forming aggregates (Figure 1.15a).

Several studies have employed fluid-phase membranes, typically composed of zwitterionic
phosphocholine vesicles [88, 89]. In Figure 1.15b, cryo-EM images show DOPC vesicles in the
fluid phase interacting with MUS:OT NPs with core size in the range of (2 — 3) nm. These

NPs have a core diameter within the range predicted by previous simulations to be most
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favorable for stable insertion into lipid bilayers [13, 83]. Notably, these cryo-EM images show
the MUS:OT NPs of this size induce significant hemifusion between the fluid membranes of

lipid vesicles.

Figure 1.15 — Model membranes-amphiphilic AuNP interactions. (a) AFM images
of biomimetic membranes with raft-like domains incubated with NPs for 10 min and
4h. The NPs progressively aggregate over time, leading to disruption of the raft-like
domains, as observed in the image at 4h and quantified in the corresponding histogram.
Reprinted from Canepa et al. [87], licensed under CC BY-NC 3.0 (b) Size distribution of
MUS:OT (1:1-2.6 nm) AuNPs and cryo-EM images of DOPC vesicles incubated with the
NPs (0.28 mgmL~! for 1h at 25°C). Scale bars are 50nm. Reprinted with permission
from Atukorale et al [88]. Copyright (2018) American Chemical Society.

Further studies demonstrated that full membrane fusion can be triggered between DOPC
vesicles upon the addition of calcium ions [90]. Subsequently, Canepa et al. investigated the
effect of cholesterol on these membranes. They found that, although cholesterol partially
inhibits the uptake of NPs [91], it still promotes vesicle-vesicle fusion compared to vesicles
without cholesterol [92].

Overall, these studies suggest that MUS:OT AuNPs are promising tools for investigating
NP-membrane interactions, with several aspects of their membrane behavior still to be
elucidated to develop novel biomedical applications. In the experiments presented in this
thesis, AuNPs with different core sizes (< 6 nm) were employed, all functionalized with the
same ligand molar ratio (2:1 MUS:OT). This ligand composition was selected because it
ensures long-term colloidal stability in ultrapure water and saline buffered solutions at pH

7.4 and, as discussed above, it exhibits the most effective interaction with lipid membranes.
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Experimental techniques

This chapter introduces the main experimental techniques employed in this thesis to in-
vestigate NP-membrane interactions. These include fluorescence assays, QCM-D, optical
microscopy, and SAXS. In addition, DLS and zeta potential measurements were performed
to characterize both vesicles and NPs prior to each experiment. The chapter is organized

into sections outlining the physical principles of each technique and the experimental setup.

2.1 Fluorescence assays

Fluorescence techniques are well-established and widely used to investigate model membrane
systems, due to their sensitivity, temporal resolution, and compatibility with membrane
components such as lipids and proteins [93, 94]. Since biological samples are generally
transparent to visible light, these techniques are based on the specific labeling of membrane
species with fluorescent molecules (or fluorophores). Upon interaction with external light,
the fluorophores act as optical probes, whose fluorescence properties are highly sensitive
to the surrounding molecular environment, enabling the detection and characterization of
membrane structures and dynamics [95-98].

Fluorescence is a type of luminescence in which photons excite a molecule, promoting
electronic transitions to higher energy states and resulting in photon emission at longer
wavelengths. Upon excitation by an external light source, the fluorophore absorbs a photon
with specific energy, promoting an electron from the ground electronic singlet state (Sp) to
one of the vibrational levels of the excited singlet state (S;). This electronically excited state
is unstable, and the molecule rapidly undergoes non-radiative relaxation processes, such as
vibrational relaxation and conformational rearrangements, which dissipate energy and bring

the system to the lowest vibrational level of S;. During the emission, the fluorophore returns
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to one of the vibrational levels of the ground electronic state by emitting a photon with
lower energy than the exciting photon, because part of the absorbed energy is lost through
non-radiative pathways. This energy difference between excitation and emission is referred
to as the Stokes shift [99]. The sequence of electronic transitions and relaxation processes
involved in fluorescence is schematically represented by the Jablonski energy diagram, which
illustrates the energy levels of the fluorescent molecule and the characteristic lifetime of each
transition (Figure 2.1) [100].

Figure 2.1 — Schematic Jablonski diagram illustrating the electronic energy levels of a
fluorescent molecule and the transitions occuring in the fluorescence process. Photon
energies and transition lifetimes are shown. Created in Biorender.

In this work, fluorescence was employed to elucidate different aspects of NP-membrane
interactions. Fluorescence assays enabled the discrimination between vesicle lipid mixing,
and content mixing processes, thereby providing complementary insights into the mechanisms
underlying NP-induced membrane fusion (Chapter 3). Moreover, fluorescence microscopy
was used to investigate NP interactions with GUVs (Chapter 4) whose size allows for direct

optical visualization.

2.1.1 Lipid mixing

Lipid mixing is a fluorescence-based assay commonly used in membrane fusion studies. When
two vesicles come into contact, their lipid bilayers merge and redistribute within a continuous
membrane that envelopes the resulting fused vesicle. This assay serves to quantitively
measure if the mixing of lipids from the original vesicles occurs [101, 102].

This fluorimetric method relies on Forster Resonance Energy Transfer (FRET), a pho-
tophysical mechanism in which an excited donor fluorophore transfers its energy, via a

non-radiative dipole-dipole interaction, to an acceptor fluorophore (Figure 2.2a) [100]. The
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Figure 2.2 — Schematic illustration of FRET and its application to lipid mixing
assay in model membrane systems. (a) The resonance energy transfer mechanism
occurs when the emission spectrum of a donor fluorophore (green) overlaps with the
absorption spectrum of an acceptor fluorophore (yellow). Ry is the Forster radius, which
is the distance corresponding to an energy transfer efficiency of 50 %. The upper panel
shows the donor and acceptor spectra, highlighting the spectral overlap (purple) between
donor emission and acceptor absorption. The lower panel provides a representation of the
same mechanism in the form of a Jablonski diagram, illustrating the energy transitions
between electronic states and the photophysical processes involved, including donor
excitation, vibrational relaxation, non-radiative energy transfer to the acceptor, and the
subsequent fluorescence emission of the acceptor. (b) Application of FRET to monitor
lipid mixing between vesicles labeled with donor and acceptor fluorophores and vesicles
unlabeled. First, donor and acceptor fluorophores are in close proximity, resulting in
donor quenching and enhanced acceptor emission. Upon lipid mixing, the donor-acceptor
distance increases, leading to a reduction of FRET efficiency, which is reflected by an
increase in donor fluorescence and a decrease in acceptor fluorescence over time. Created
in Biorender.
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factors that regulate FRET process include the degree of spectral overlap between the donor
emission and the acceptor excitation spectra, the relative orientation of their dipole moments,
and most importantly, the distance between donor and acceptor. The FRET efficiency (E)
depends on the inverse sixth power of the distance (r) between donor and acceptor, according
to the relation:

[ — (2.1)

L ()

where R, is the Forster radius, which is the distance corresponding to an energy transfer
efficiency of 50 %. Ry is typically in the range (2 — 6) nm. The distance dependence of
energy transfer makes FRET a suitable tool for a wide range of biophysical applications,
especially because the distances over which FRET occurs are comparable to the length
scale of proteins or the thickness of biological membranes. The resonance energy transfer
mechanism provides a convenient fluorescence signal to obtain quantitative information
of lipid mixing during membrane fusion. This is achieved by incorporating donor- and
acceptor-labeled lipid molecules into the bilayer at suitable concentration to optimize their
distance [103].

In this thesis, I employed two commonly used lipid fluorophores, the donor 1,2-dioleoyl-
sn-glycero-3-phosphoethanolamine-N-(7-nitro-2-1,3-benzoxadiazol-4-yl), or NBD-PE, and the
acceptor 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl),
or Rhod-PE (see Figure A.2 for the chemical structures). In a typical assay, two vesicle
populations are used: one labeled with both donor and acceptor fluorophores, and one
unlabeled. Upon fusion between a labeled and an unlabeled vesicle, the labeled lipids
redistribute in the newly merged membrane, thus increasing the average distance between
donor and acceptor molecules. As a result, FRET efficiency decreases, leading to reduced
acceptor emission and a corresponding increase in donor fluorescence emission (Figure 2.2b).
However, it is important to note that this assay reports only on membrane mixing, not
on the complete formation of a single, fully merged vesicle, in which the pore formation is
completed allowing the mixing of the vesicles contents.

Lipid mixing assays were employed in the project described in Chapter 3, where all details

of equipment specifications and analysis methods are reported.

2.1.2 Content mixing

Content mixing is an assay designed to monitor complete vesicle fusion, which is defined
by the full mixing of the aqueous contents of the vesicle lumens [102]. This assay typically
employs a fluorescent probe encapsulated at self-quenching concentration within the vesicle
lumen. Although the probe can be efficiently excited by external light, its fluorescence
emission is strongly suppressed due to the high local concentration. Self-quenching can occur

through different mechanisms, such as collisions between two excited fluorophores that lead
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to non-radiative relaxation to the ground state, or through the formation of non-excited
dimers and energy transfer to these dimers. In a typical experimental setup, two vesicle
populations are prepared: one without and one with the fluorescent probe. When fusion
occurs, the mixing of vesicle contents leads to probe dilution and a corresponding increase in
fluorescence. This signal variation provides a quantitative measure of complete fusion.

Sulforhodamine B (SRB) is a water-soluble dye that exhibits strong self-quenching at
high concentrations (e.g, a probe concentration of 50 mM undergoes more than 95 % self-
quenching) [90, 92, 104-106]. It was used as fluorescent probe for content mixing assays
described in Chapter 3.

Figure 2.3 — Schematic representation of the content mixing assay. A population
of vesicles encapsulating sulforhodamine B (SRB) at self-quenching concentrations is
excited at a specific wavelength, resulting in a low initial fluorescence signal (Fy). Upon
fusion with unlabeled vesicles, mixing of the aqueous contents leads to dilution of SRB
and fluorescence dequenching. The resulting time-dependent increase in fluorescence
intensity provides a direct measure of vesicle content mixing. Created in Biorender.

2.2 Quartz crystal microbalance

QCM is an ultrasensitive technique for detecting real-time mass changes on a sensor surface,
with a sensitivity on the order of ng cm™2. The sensor is a quartz crystal disk whose oscillation
depends on the amount of material deposited on its surface, allowing frequency changes to
be directly related to mass variations.

The quartz crystal disk is a piezoelectric material that is driven to oscillate at its resonant
frequency fy by applying an alternating voltage to the electrodes deposited on the two faces
of the disk. The oscillation properties of the sensor are determined by the cutting orientation
of the original quartz block from which the disk is obtained. The first cutting orientation,

introduced in 1921, was the X-cut, which had limited applications, since it exhibited a
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strong temperature dependence [107]. In later years, a more suitable cutting orientation
was developed, which is still employed to produce sensors and is known as the AT-cut
(Figure 2.4a) [108]. The AT-cut disk offers several advantages, including opposite-surface
oscillations that reduce net elastic deformation (Figure 2.4b), high temperature stability,
minimal sensitivity to temperature gradients, and excellent mechanical properties with low

energy dissipation, making it ideal for reliable measurements. In addition to the fundamental

Figure 2.4 — Quartz crystal cut and oscillation. (a) The AT-cut quartz crystal is
oriented at approximately 35° with respect to the optical axis (z). The two opposite faces
of the QCM sensor are shown: the electrodes, most commonly made of gold, and the
active sensing surface, typically made of gold or silicon oxide, which is used for material
deposition or surface functionalization. (b) Sketch of the oscillation mode of a quartz
disk driven at its resonance frequency by an alternating driving voltage. For standard
QCM devices operating at frequencies around 5 MHz, the quartz disk has a thickness
of approximately 300 pm. Upon excitation, the faces of the disk oscillate in opposite
directions, generating a stable mechanical resonance that is converted into an electrical
signal due to the piezoelectric effect. Adapted from [109].

resonant mode, QCM allows the measurement of higher harmonics (or overtones).

The relation between the fundamental frequency fy and the frequencies of the higher
overtones f, can be derived by solving the wave equation associated with the sensor oscillations
and is given by:

nv

where n is the overtone number (n = 1 corresponds to the fundamental harmonic; higher
harmonics correspond only to antisymmetric (odd) vibrational modes, since these generate a
measurable voltage between the electrodes), v = \/% is the shear wave velocity, h, is the
thickness of the quartz disk, j, is the shear modulus of quartz, p, is the density of quartz,
and fj is the fundamental resonant frequency. Equation (2.2) shows that the oscillation
frequency depends on the thickness of the quartz crystal sensor [110]. From this relation, and
by taking into account the variations in the disk thickness due to the addition of material
on the sensor surface, it is possible to obtain the Sauerbrey equation [111], formulated in

1959, which expresses a linear relationship between the resonance frequency change of the
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oscillating quartz crystal and the corresponding change in mass:

Am = —C} (2.3)

n
where Af/n is the observed frequency shift (Hz) normalized by the overtone number n, Am
is the change in mass per unit area of the piezoelectrically active surface, and Cf is the
sensitivity factor related to the crystal properties [112]. The Sauerbrey equation is valid for
rigid layers that behave as homogeneous and uniform extensions of the disk thickness and

are strongly coupled to the sensor surface.

In many systems, including the one used in this thesis, QCM is integrated with a
dissipation (D) monitoring system (QCM-D), which measures the energy dissipated during
mass deposition and provides information on the viscoelastic properties of the sample.
Initially, QCM was primarily employed as a mass sensor in air or vacuum. However, advances
in electrical circuitry enabled its operation in liquid environments [113-115], making the
technique particularly suitable for the investigation of biological samples. Many biological
materials are soft and exhibit viscoelastic properties (e.g., proteins and lipid films). When
subjected to external forces, such as the vibrations of the quartz crystal, which propagate
through the material, they tend to deform undergoing bending, stretching, and compression.
The mechanical energy associated with the crystal oscillation is partially converted into
internal motion, resulting in friction that is dissipated as heat. This process leads to the
damping of the crystal oscillation [116]. As illustrated in [109], viscoelastic layers behave
like gelatin on a plate during plate oscillation, with the gelatin not following the motion of

the plate in phase.

Dissipation is quantified through the decay-time of the oscillation. As described previously,
the sensor is driven into oscillation by an alternating voltage precisely tuned to the resonant
frequency of the quartz crystal, ensuring efficient excitation. To measure dissipation, the
driving voltage is periodically switched off, more than 200 times per second (Figure 2.5b).
The oscillation amplitude decreases over time, following an exponentially damped sinusoidal
behavior described by:

A(t) = Age V" sin(2r ft + ¢) (2.4)

where A(t) is the oscillation amplitude, Ay is the initial amplitude, ¢ denotes time, 7 is
the decay-time constant, f is the resonant frequency, and ¢ is the phase. The decay-time
constant 7 is inversely related to the dissipation factor D, which quantifies the energy losses

within the system:
1

B 2r fr

D is the dissipation factor, f is the resonant frequency, and 7 is the decay-time constant.

D

(2.5)

Therefore, QCM-D allows the simultaneous measurement not only of the mass adsorbed on

the sensor surface (frequency shift Af), but also of the mechanical properties of the sample
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(changes in energy dissipation AD) (Figure 2.5a). In particular, AD provides information

on the viscoelastic properties of the sample such as its stiffness or softness.

Figure 2.5 — (a) Diagram showing the changes in resonance frequency and dissipation
during the deposition of material on the sensor. The frequency decreases over time as
material is deposited, untill reaching a stable plateau corresponding to full coverage of
the active sensing surface. Simultaneously, the dissipation increases due to the presence
of viscoelastic material on the sensor. (b) Illustration of different layer behaviors during
dissipation measurement and the principle of dissipation monitoring. The sensor is excited
with an alternating voltage multiple times per second, and the rate of energy damping
reveals that viscoelastic materials dissipate energy and at a faster rate than rigid films.
Adapted from [109, 117].

In this thesis, QCM-D was employed to investigate the interaction between lipid vesicles
and NPs in the context of membrane fusion studies, as discussed in Chapter 3. In particular,
it enabled the quantification of NP uptake into the membrane and the measure of their

ability to induce fusion between vesicles.

2.3 Optical microscopy

In this thesis, both label-free and fluorescent dye-based optical microscopy techniques were
employed to study NPs interacting with GUVs (see Chapter 4). The size of these vesicles,
(10 — 100) pm, is ideal for optical microscopy, allowing investigations at the level of single

vesicle, an approach not feasible for smaller model vesicles.

2.3.1 Bright field and phase contrast methods

Bright-field and phase-contrast microscopy are label-free optical methods that are commonly
used for the study of biological samples [118]. The main advantages of these techniques
are their simplicity and low cost, which make them widely available in biology/biophysics
laboratories. Unlike fluorescence microscopy (discussed in the following section), these

techniques do not require the addition of external labels to the samples.
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In a bright-field microscope, the specimen is placed between a light source and the
objective lens. The illumination configuration, known as dia-illumination or transmitted-
light illumination, allows light to pass through the specimen. A condenser lens focuses the
light onto the sample, while the objective lens collects both the transmitted and diffracted
light to form a magnified intermediate image, which is further enlarged by the eyepiece
or recorded by a camera. In biological contexts, samples observed under visible light are
often transparent in conventional bright-field microscopy. Since the human eye, as well as
photosensors, are sensitive only to changes in light amplitude (i.e., intensity) or wavelength
(i.e., color), unstained biological specimens exhibit low intrinsic contrast. From an optical
point of view, specimens can be classified into two main categories: amplitude objects and
phase objects. Amplitude objects modify both the amplitude and phase of the transmitted
light, whereas phase objects primarily induce phase shifts without significantly affecting the
light intensity. For this reason, staining is commonly used to introduce amplitude differences,

resulting in changes in light intensity and color after transmission through the specimen.

However, several label-free contrast methods exist, among which the most widely used
in biological applications are phase-contrast and differential interference contrast (DIC)
microscopy. In this thesis, I focus exclusively on phase-contrast microscopy, which is the
technique employed in the experiments presented in Chapter 4. The main goal of optical
contrast techniques is to convert phase variations into measurable intensity differences, which
can be detected by the eye or by imaging sensors. Optical contrast techniques are based on
the selective manipulation of the background (undeviated) light and the object-diffracted
light, in order to generate intensity variations in the image plane. From a physical point
of view, this represents a diffraction problem based on the formation of constructive and
destructive interference. Phase shifts introduced by the specimen are transformed into
measurable intensity signals through the controlled interference between the background
(undeviated) wave and the object-diffracted waves. Phase contrast microscopy was developed
in the 1930s by the Dutch physicist Frits Zernike and became a standard imaging technique
by 1942. For this work, Zernike received the Nobel Prize in Physics in 1953 [119]. Phase
shifts result from variations in the optical path length of light traveling through specimen
regions with distinct refractive indices and thicknesses. The optical path length (OPL) is
given by

OPL = nd (2.6)

where n is the refractive index and d is the physical thickness of the medium. As a consequence,
light propagating through the specimen is slowed down and undergoes a corresponding phase
shift. The purpose is to bring the light waves into a defined phase relation in order to
generate constructive or destructive interference. According to the principle of superposition,
when two waves interfere, the amplitude of the resulting light wave is equal to the vector sum

of the amplitudes of the individual interfering waves. This results in constructive interference
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when the waves are in phase, and destructive interference when they are out of phase. In
order to obtain these effect, a phase contrast microscope has to be designed as shown in

Figure 2.6a, whose fundamental elements are a circular annulus and a phase plate.

Figure 2.6 — Phase contrast microscope. (a) Scheme showing the main optical elements
of a phase contrast microscope. The circular annulus and the phase plate are the key
components of this technique: the annulus modulates the incident light beam, while
the phase plate introduces a phase shift between the diffracted and undiffracted light.
Reprinted with permission from [118]. Copyright (2013) Wiley-Blackwell. (b) Section of
a phase plate highlighting its two main regions. The central red arrow represents the
sample-diffracted light beam, while the red arrow on the left represents undeviated light,
passing through the phase shift ring and the grey filter ring. For further details, see the
text. Adapted from [120].

The circular annulus placed in the front aperture of the condenser produces a ring-shaped
illumination, which passes through the condenser and is focused onto the specimen. Light
passing through the specimen is partially diffracted due to variations in refractive index and
optical path length across different regions of the sample, while part of the light remains
undeviated. The diffracted light undergoes a phase retardation of ~ \/4!', whereas the
undeviated light initially remains unshifted. At this point, all light passes through the
objective. In order to create an additional phase shift in the undeviated light and enable
interference, a spatial separation between diffracted and undeviated light is required. All
non-diffracted rays share the same angle determined by the circular annulus, and the objective
focuses them onto the same circle in its focal plane, which coincides with the phase plate
annulus. Diffracted light, in contrast, has a continuous angular distribution; the objective
spreads it over the entire rear focal plane, with only a small fraction falling on the phase
plate annulus. The phase plate performs two actions. First, it advances (positive phase

contrast, resulting in destructive interference) or retards (negative phase contrast, resulting in

1This A\/4 phase shift in the diffracted light arises naturally from scattering and diffraction processes
within the sample (see [121]). For typical biological specimens, with usual thickness and refractive index,
any additional phase shifts are generally small and can be considered negligible.
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constructive interference) the phase of the undeviated wave by A/4 using the phase shift ring
(Figure 2.6b). Second, it attenuates the intensity of the undeviated light by approximately
70 % using the gray filter ring. This combination enhances image contrast and enables phase
variations introduced by the specimen to be transformed into detectable intensity differences.
For the correct functioning of the phase contrast mechanism, the circular annulus and the

phase plate must have exactly the same diameter and be perfectly aligned.

Furthermore, optical artifacts are present in every phase contrast image and are natural
consequences of the optical system, i.e., halos and shade-off (Figure 2.7). Halos appear at
the edges of objects, while shade-off occurs in the central regions. Halos exhibit contrast
opposite to that of the phase object and are typical for large objects such as cells, nuclei,
and GUVs. Halos arise because the separation between direct and diffracted light in the
focal plane is not perfect, and some diffracted light passes through the phase plate annulus.
Additionally, the phase plate annulus is wider than the zero-order light ring for optical design
reasons (approximately 25 % wider), causing these components not to interfere as intended.
On the other hand, shade-off is a gradual loss of contrast towards the center of an extended,
uniform object, making the central region appear similar to the background. It is also typical
of large objects and arises because extended objects diffract less in their central regions and

more at their edges.

Figure 2.7 — Illustration of halo and shade-off effects in phase contrast microscopy.
In positive phase contrast, the specimen causes a phase delay: a bright halo appears
around dark edges, and the interior shows gradual brightening (shade-off). In negative
phase contrast, the specimen advances the phase: a dark halo forms around bright edges,
and the interior gradually darkens. Reprinted with permission from [118]. Copyright
(2013) Wiley-Blackwell.
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2.3.2 Confocal laser scanning fluorescence microscopy

Phase contrast microscopy is an effective method for studying properties of biological objects
without using any dyes. However, resolving finer structural details, (e.g., the presence of
tubes or buds in GUVs) remains challenging with this technique. To overcome this limitation,
optical microscopy based on fluorescence as a contrast mechanism can be employed to gain

better resolution for observing these structural details.

In a traditional wide-field epifluorescence optical microscope, the sample is illuminated
simultaneously across the entire field of view, and the detection system collects fluorescent
radiation emitted not only from the focal plane but also from out-of-focus planes. This results
in a reduction of image contrast and limits the effective spatial resolution of the system.
From a theoretical point of view, in 1873 Ernst Abbe demonstrated that the factor limiting
the resolution of an optical microscope is the diffraction of light [122]. The parameters that
determine the resolution are the aperture angle o of the objective lens and the refractive
index n of the surrounding medium. From these quantities, the numerical aperture (NA)
can be defined as

NA =nsina (2.7)

The minimum resolvable distance between two points in the X-Y plane is then given by

A

AT = 5NA

(2.8)

where \ is the wavelength of the light used. In wide-field imaging the resolution is typically
in the range (200 — 250) nm.

However, in wide-field microscopy the resolution is often limited not by diffraction
criteria, but by the low image contrast. Since the excitation is not confined to the focal plane,
signals originating from out-of-focus planes contribute to a diffuse background. Moreover, in
biological samples, light-scattering processes can redirect photons emitted from out-of-focus
regions toward the detection plane, increasing background noise. As a consequence, image
contrast, rather than diffraction, often represents the dominant limiting factor. Confocal
microscopy overcomes these limitations inherent to wide-field imaging. The first confocal
microscope was developed around 1950 by Marvin Minsky. However, this technology achieved
widespread development in the 1980s mostly due to advances in optical instrumentation and
the invention of laser [123, 124].

The key elements that characterize a confocal microscope are the pinhole and point-by-
point scanning of the sample. Figure 2.8 shows a schematic representation of the operating
principle of a confocal microscope.

Confocal microscopy is based on an epi-illumination configuration, in which the light

source and the detector are located on the same side of the sample and share the same

objective, which performs the dual function of condenser and imaging objective [118, 125,
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Figure 2.8 — Scheme showing the main optical elements of a confocal microscope.
The pinhole is the key optical component that allows imaging from a single focal plane
(red beam) while preventing light from out-of-focus planes (dashed green lines for a plane
below focus and blue lines for a plane above focus) from reaching the detector. For
further details, see the text. Reprinted with permission from [118]. Copyright (2013)
Wiley-Blackwell.

126]. Excitation and detection of fluorescence are carried out using the same optical filters
employed in wide-field fluorescence microscopy. A laser beam is expanded to illuminate the
whole back aperture of the objective, generating a focused spot that is scanned point by point
across the sample following a raster trajectory (Figure 2.9). This process, known as point
scanning, enables localized illumination of the sample. The crucial optical element of the
confocal system is the pinhole, positioned in a plane conjugate to the focal plane of the sample.
The pinhole allows fluorescence emitted from the in-focus point to pass through, while largely
blocking signals originating from out-of-focus planes. The fluorescence emitted from each
excited point is collected by the same objective, directed back along the original optical
path, and focused onto the pinhole before reaching the detector, such as a photomultiplier
tube. The detector converts the optical signal into an electrical signal, which is digitized and
processed by the computer to reconstruct the final image. The confocal image is therefore
built sequentially over time and does not exist as a real image that can be directly observed
through the microscope eyepiece. A system with this architecture is called a laser scanning
confocal microscope (CLSM) and is particularly suited for high-contrast imaging and optical
sectioning of thick samples [126]. Figure 2.9 shows the system that enables scanning of the
sample. The mechanism is based on the movement of two galvanometer-driven mirrors that
oscillate to the X and Y movement of the laser, respectively. In confocal microscopy, the

resolution can be improved to approximately (180 — 220) nm.
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Figure 2.9 — Representative sketch of the scanning mechanism on the x-axis. The
scanning process distinguishes the confocal microscope from wide-field microscopy and
enables improved image resolution by acquiring information from small regions at a time,
effectively acquiring the image point by point. Reprinted with permission from [118].
Copyright (2013) Wiley-Blackwell.

2.4 Small-angle X-ray scattering

SAXS is a non-destructive analytical technique designed to determine the average structure
of particle systems in terms of their size and shape. The material can be either solid or liquid
and can contain domains (i.e, particles) with different compositions or densities, including
solid, liquid, or gaseous phases. The application of SAXS spans numerous fields, from
fundamental research to quality control. These applications include the study of polymers,
biological materials [127], colloids, metals [128], pharmaceutical products [129], and food

materials [130].

The standard operating principle involves propagating X-rays through the sample in
transmission mode. Each particle illuminated by the beam produces a scattering signal, and
the resulting intensity measurement reflects the average structure of all particles illuminated
within the sample [131]. In Figure 2.10, a schematic representation of the SAXS experimental
setup is shown.

From a physical perspective, X-rays are electromagnetic waves with wavelengths shorter
than approximately 0.3nm. They are characterized by alternating electric and magnetic
fields that are perpendicular to each other and to the direction of propagation. When
X-rays irradiate a sample, photons interact with electrons and provide information about
fluctuations in the electron density of the samples. The spatial distribution of electrons
within the sample is described by the electron density profile, p(7), which represents the

local electron density as a function of position.
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Figure 2.10 — Setup of a SAXS experiment in transmission geometry. The X-ray
beam emitted from the source passes through a collimation system and illuminates the
sample. Part of the beam is transmitted along the original direction ( Eo is the incident
wave vector), while another part is scattered (k is the scattered wave vector). The
detector measures the intensity of the scattered beam at the angle 20, while the direct
beam is blocked by a beam stop. The scattering vector is defined as ¢ = k — ko. Created
in Biorender.

The relevant quantity is the electron density contrast between the scattering particles

and the surrounding medium, defined as

Ap(r) = p(F) — ps (2.9)

where pj is the electron density of the solvent or matrix. Individual atoms scatter radiation in
all directions through a process known as Thomson scattering, producing an almost constant
background at small scattering angles. In contrast, clusters of atoms (the particles) generate
an additional contribution known as excess scattering, which arises from their larger size and
their electron density contrast relative to the surrounding medium. To obtain meaningful
structural information such as particle size, shape, or specific surface area, the scattering
profile of the medium must be acquired and mathematically subtracted from the scattering

profile of the particle solution.

X-ray scattering gives rise to interference phenomena, which can be constructive or
destructive depending on the observation angle 26, the relative orientation of the atoms, and
the distances between them. The resulting interference patterns on the detector reflect the
point-to-point variations in intensity across the detection plane. The intensity is the only
quantity directly measurable by the detector, as the phase information of the scattered waves
is lost during detection. It corresponds to the squared modulus of the scattering amplitude,

which is defined as

1(@) = (JA@),, (2.10)

where the angular brackets denote averaging over all orientations in isotropic systems. The
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scattering amplitude is given by the Fourier transform of the electron density contrast:

A = /VAp(f’) T d7 (2.11)

Consequently, the intensity is described as a function of the scattering vector ¢ [132, 133],
whose magnitude is given by

¢=|q = 4;31119 (2.12)
where A is the wavelength of the incident radiation, and @ is half of the scattering angle. The
scattering vector ¢, also referred to as the momentum transfer, has dimensions of inverse
length (e.g., nm™!). Small-angle scattering experiments are designed to measure I(q) at very
small values of |q], corresponding to long-range structural information on the nanometer
scale. In general, SAXS can resolve structures ranging from approximately 1nm to 300 nm,
although this range may vary depending on the instrument. Additionally, the accessible
range can be extended toward smaller scattering angles using USAXS (Ultra-Small-Angle
X-Ray Scattering), or toward larger scattering angles using WAXS (Wide-Angle X-Ray
Scattering), also known as X-ray Diffraction (XRD).

A crucial requirement for SAXS measurements is the presence of sufficient contrast. In
particular, the particles must have an electron density different from that of the surrounding
matrix (such as the solvent or host material) in order to be detected. Materials containing
elements with higher atomic numbers generally provide stronger contrast and therefore lower
detection limits. Conversely, matrices composed of heavy elements must be treated with care
due to their strong X-ray absorption. When performing SAXS measurements, absorption
effects must also be taken into account, as they can be non-negligible for some samples. In
this process, the energy of an incident photon can eject an electron from an atom, leaving
it in an excited state. The atom subsequently relaxes back to a stable configuration by
rearranging its electrons, emitting radiation with wavelengths different from that of the
incident beam. Therefore, in order to obtain high-quality SAXS data, X-ray absorption

should be minimized.

2.5 Dynamic light scattering and zeta potential

DLS and zeta potential measurements were performed in this work to characterize the size,
surface charge, and colloidal stability of both NPs and vesicles. DLS is a conventional
bulk technique used to determine the size of particles dispersed in solution, ranging from
sub-nanometer to micrometer scales. It employs a laser to illuminate the sample and detects
time dependent-fluctuations in the intensity of the scattered light, from which information
about sample-averaged size can be obtained. Zeta potential measurements are derived from
electrophoretic mobility under an applied electric field and allow the determination of the

electrostatic potential in the vicinity of the surface of dispersed colloidal particles.
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2.5.1 DLS measurements

A particle in solution undergoes a random and continuous motion in all directions, which is
uncorrelated with the motion of the other particles. This phenomenon, known as Brownian
motion, arises from random collisions between the particle and the surrounding solvent
molecules, which are smaller in size and driven by thermal agitation [134]. By solving the
equation of motion for a particle of mass m immersed in a homogeneous fluid, the mean
squared displacement of the particle in three dimensions and in the long-time approximation

is given by
6kpT

my

(r’(t)) ~

where kg is the Boltzmann constant, 7" is the temperature, and v is the friction coefficient

t (2.13)

per unit mass (which has the dimensions of a frequency). From this relation, the Einstein’s

relation, which defines the diffusion coefficient D, can be obtained:

kT
-

D (2.14)

The Einstein’s relation can be applied to the diffusive motion of a spherical particle immersed

in a viscous fluid under laminar flow conditions, leading to the Stokes-Einstein’s equation:

B kgT
N 3™ Dy

(2.15)

7 is the solvent viscosity and Dy is the particle hydrodynamic diameter.

In a DLS experiment, the sample is illuminated with a laser beam, which interacts with
the particles dispersed in solution [135, 136]. The light scattered by the particles is collected
at fixed angles, typically at 173° (backscattering configuration) or at 90° (Figure 2.11). As
the particles undergo Brownian motion, their relative positions continuously change over
time, resulting in fluctuations in the intensity of the scattered light. These fluctuations
produce an interference dynamic pattern consisting of alternating regions of constructive
and destructive interference. Regions where the scattered waves add coherently generate
intensity maxima, while regions where they combine out of phase result in a reduction or
cancellation of the detected intensity. To characterize the fluctuations, the first quantity

that is considered is the electric field autocorrelation function:
Gi(7) = (E5(t) Es(t + 7)) = (E5(0) Es(7)) (2.16)

Since the measured quantity is the light intensity rather than the electric field, it is convenient

to define the second-order autocorrelation function in terms of the intensity

Ga(7) = (Is(0) Is(T)) (2.17)



42 2.5. DYNAMIC LIGHT SCATTERING AND ZETA POTENTIAL

A simple relation exists between these two correlation functions, known as Siegert’s rela-

tion [137], which is valid for a Gaussian electric field
Ga(7) = (Is)” + B|G1(7)[? (2.18)

where [ is an instrumental factor that depends on the geometry of the detection optics and

the alignment of the setup.

It is common to use the reduced first and second order correlation functions, defined as

Gi(7) Ga(7)
T)= and T)= 2.19
gl( ) <[S> 92( ) <[S>2 ( )
Subsequentely,
92(7) = 1+ Blgi (1) [? (2-20)
For a monodisperse particle population:
g1 (7)|? = &7 (2.21)

where I' = D|K|?, and K is the scattering vector. This leads to
gao7) =1+ Be 7 (2.22)

The intensity correlation function contains all of the information regarding the diffusion of
particles within the sample. By analyzing this function, the diffusion coefficient D can be

determined, and consequently the particle diameter can be calculated (Figure 2.11).

However, samples are often not monodisperse and exhibit a continuous distribution of
particle sizes with a certain degree of polydispersity. The electric field correlation function
can be expressed as an integral over the probability density of decay rates I', meaning that the
total signal is the sum of contributions from all particles, with each contribution weighted by

the particle scattering intensity, which depends on the particle size and its optical properties:
gi(r) = / G(T) e 17 dr (2.23)

Obtaining information about particle sizes requires inverting this integral, but the inversion
process tends to smooth the data and amplify the experimental noise, thus small variations
in the measured data can lead to large differences in the results. To address this issue, the
cumulant analysis is commonly used. This approach approximates the correlation function

as a sum of exponentials:

-t )

gi(7) = e( (2.24)

where ' = [T G (I") dI" is the average decay rate. The second cumulant pp corresponds to
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Figure 2.11 — Schematic representation of the DLS principle. A laser beam illuminates
the sample, and the light is collected by a detector. The backscattering detection mode
(0 = 173°) is used to maximize the detected signal and minimize multiple scattering
effects in concentrated or opaque samples. Temporal fluctuations of the scattered
intensity, caused by the Brownian motion of the particles, are analyzed through the
intensity autocorrelation function go(7). Large particles produce slowly varying intensity
fluctuations, whereas small particles generate faster fluctuations. The decay time of the
autocorrelation function is used to determine the diffusion coefficient and, consequently,
the particle size distribution. Created in Biorender.

the variance of the decay rates and provides a measure of the sample polydispersity:
pa = (T =T = [(C =2 G(r) ar (2.25)

The third cumulant us describes the skewness of the distribution. Higher-order cumulants
can be included for highly polydisperse systems, but usually only the first few are used. In
addition to intensity-weighted distributions, DLS can also provide volume- and number-
weighted size distributions, which can be reported for data interpretation, as in this thesis.
These distributions are not directly measured, but are derived from the intensity distribution
using model-dependent transformations based on Mie scattering theory [138], which requires
knowledge of the optical properties of the system, including the refractive index and absorption
of both particles and solvent [139].

2.5.2 Zeta potential measurements

Zeta potential measurements are used to assess the colloidal stability of particles dispersed
in solution [135, 140, 141]. If particles in solution are characterized by a high positive or high

negative zeta potential, electrostatic repulsion dominates and prevents particle aggregation.
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When dispersed in solution, a particle with a charged surface influences the distribution
of ions in the surrounding interfacial region, leading to an increased concentration of counter-
ions (ions with charge opposite to that of the particle) close to its surface. Figure 2.12a
schematically shows the different charge layers that form around a negatively charged colloidal
particle. A negatively charged particle surface was taken as a reference, consistent with
the particles studied in this thesis. The first layer, consisting of ions strongly bound to the
particle surface, is known as the Stern layer. Further from the surface, a region of more
loosely associated ions is present, referred to as the diffuse layer. Together, these two regions
constitute the electrical double layer, which forms a stable entity with the particle and moves
together with it when the particle is in motion. Beyond a certain boundary, known as the
slipping plane, the ions no longer move with the particle. The zeta potential is defined as
the electrostatic potential at the slipping plane.

Zeta potential measurements are commonly performed using electrophoresis, a technique
based on the motion of dispersed particles relative to the suspending liquid under the
application of an external electric field. When a constant electric field is applied, particles

migrate toward the electrode of opposite polarity (Figure 2.12b).

Figure 2.12 — Schematic representation of the zeta potential and its measurement
principle. (a) Ions present in solution form distinct layers around a charged particle
according to their interaction with the particle. Depending on how strongly these ions are
bound, different planes can be defined. The zeta potential is calculated at the slipping
plane, which is the most external layer of ions that moves together with the particle
during its motion. (b) Inside the capillary of a zeta potential cuvette, charged particles
move toward electrodes of opposite sign. An incident beam illuminates the moving
particles, and the scattered light is detected together with a reference beam. Using the
LDV method, the electrophoretic mobility of the particles is determined, allowing the
calculation of the zeta potential as shown by Equation (2.27). Created in Biorender.

During this motion, particles experience a viscous drag force exerted by the surrounding
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fluid. After a short transient time, the electric driving force and the viscous drag force, result-
ing in a constant particle velocity. From the measurement of this velocity, the electrophoretic
mobility Ug can be calculated as

Us =+ (2.26)

where v is the particle velocity and E is the applied electric field.
The relation between electrophoretic mobility and zeta potential is given by the Henry’s

equation:
_ 2¢e( f(ka)
R v— .

where ( is the zeta potential, € is the dielectric constant 7 is the viscosity, and f(ka) is

Uk (2.27)

Henry’s function, which depends on the ratio between the particle radius a and the reciprocal
of the Debye length . For large particles or concentrated solutions, where the thickness of
the electric double layer is small compared to the particle radius (ke > 1), the Smoluchowski
limit is valid, and f(ka) = 1.5. In contrast, for small particles or dilute solutions, where
the double layer is thicker than the particle radius (ka < 1), the Huckel limit applies, with
f(ka) = 1.0.

The electrophoretic mobility is experimentally determined by Laser Doppler Velocimetry
(LDV) [142]. A laser beam is directed onto the sample and the light scattered by the moving
particles is collected at a fixed angle and recombined with a reference beam, producing an
interference signal. Due to the Doppler effect, when a light source or scatterer moves relative
to the detector, the frequency of the detected light is shifted. The frequency of the resulting
intensity fluctuations is proportional to the particle velocity. This technique provides the
value of the zeta potential. To determine its sign, an optical modulator is introduced into
the system. The modulator consists of an oscillating mirror operating at a known frequency,
which induces a frequency shift in the reference beam. By comparing the frequency of the
scattered light with that of the reference beam, it is possible to determine whether the
scattered light has undergone an increase or a decrease in frequency. This information allows
the direction of particle motion to be established, and consequently the sign of the particle
charge.

Zeta potential values between —30mV and 30 mV are generally associated with limited
colloidal stability, as electrostatic repulsive forces may be insufficient to prevent particle
aggregation over time. In contrast, zeta potential values higher than 30 mV or lower than

—30mV indicate stable systems, due to stronger electrostatic repulsion between particles.






CHAPTER 3

NP-mediated membrane fusion

The results of the investigation of NP-mediated lipid membrane fusion are presented in this
chapter. The project investigates the fusogenic role of AuNPs in promoting the fusion of
lipid vesicles, with particular attention to the role of NP size and membrane curvature in
regulating the efficacy of the fusion process.

I carried out fluorescence assay experiments at the University of Genoa (UniGe) and
QCM-D measurements at the Italian Institute of Technology (IIT). The latter measurements
were performed in collaboration with Dr. Silvia Dante (Materials Characterization Facility,
IIT, Morego, Genoa). In addition, this study was conducted in collaboration with the compu-
tational group of Prof. Giulia Rossi (UniGe), who provided a molecular-level interpretation
of the experimental results through molecular dynamics simulations. This chapter reports
all the experimental results and the main computational findings, which are presented in
Leonardini et al. [143].

3.1 Introduction: biomimetic membrane fusion

Membrane fusion is a biological process in which two initially separate membrane com-
partments merge, leading to the mixing of both membrane lipids and internal aqueous
contents [144]. It enables a variety of essential cellular functions, including extracellular
trafficking [145], synaptic transmission [146], fertilization [147], and viral entry [148]. Due
to the key role of these mechanisms, it is crucial to understand how fusion occurs, which
minimal components are required, what triggers it, and how it progresses. This knowledge is
necessary not only to address mechanistic questions in basic research, but also to develop
synthetic systems that control and mimic lipid membrane fusion for biomedical applications,

including targeted drug delivery systems [149-151].

47
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Vesicle fusion is a multi-step process (Figure 3.1). During the initial stage of fusion
(docking), the two membranes are closely apposed and are separated by only a few nanometers
(< 5nm). This stage is followed by the formation of a narrow lipid bridge between the
apposed membranes, known as stalk, which represents a key intermediate in membrane fusion.
During stalk formation, mixing of the lipids of the outer membrane leaflets occurs. The stalk
then expands and becomes thinner forming the hemifusion diaphragm. The following step is
the formation of the fusion pore, which allows mixing of both the inner leaflet lipids and the
aqueous contents. These stages are general intermediates of the fusion process and can be
observed both in vivo and in in vitro systems. In general, the kinetics of membrane fusion is

regulated by energy barriers that have to be overcome to complete the fusion process [152].

Figure 3.1 — Membrane fusion mechanism. The upper row represents a low resolution
view of two membranes, with their aqueous compartments, coming into contact. In the
lower row is represented what happens from a molecular point of view. In the initial
state, the two vesicles are well-separated. After overcoming the dehydration barrier,
vesicle membranes are close and hydrophobic contacts between apposed membranes occur,
leading to the stalk formation and the mixing of outer leaflet lipids. From the hemifusion
diaphragm the process proceeds to the fusion pore formation, resulting into a single
vesicle with mixed lipids and mixed contents from the two starting vesicles. Reprinted
from Leonardini et al. [153], licensed under CC BY-NC' 3.0.

In the biological context, the fusion of lipid vesicles with target membranes is precisely
controlled by sophisticated families of fusogenic proteins [154]. A representative example
is the Soluble N-ethylmaleimide-sensitive factor Attachment protein REceptors (SNARE)
family, which mediates synaptic transmission in neuronal cells (Figure 3.2a) [155-157].

In wvivo, these protein-mediated mechanisms are indispensable for ensuring both the
efficiency and specificity of the fusion process. Nevertheless, each stage of fusion is also
strongly modulated by the surrounding physico-chemical environment, particularly lipid

composition, ionic conditions, pH, and temperature, which collectively shape the membrane
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Figure 3.2 - Examples of membrane fusion mechanisms in vivo and in vitro.
(a) Schematic representation of the SNARE-mediated fusion mechanism. (b) AuNPs
penetrate into the hydrophobic region of the lipid bilayer thanks to their amphiphilic
coating and surface charge. The AuNPs presence reduces the critical energy barriers for
initial membrane apposition and stalk formation, while fusion pore formation is triggered
by calcium ions. Reprinted from Leonardini et al. [153], licensed under CC BY-NC' 3.0.

energy landscape. Lipids play a fundamental role, regulating membrane curvature, elasticity,
and mechanical properties. Lipids promoting negative spontaneous curvature and membrane
fluidity enhance stalk and pore formation [158], whereas rigid membranes disfavour fu-
sion [159]. Cholesterol can modulate membrane fusion in a context-dependent manner, either
promoting or inhibiting the process. In systems where fusion is a mediated process, e.g., by
proteins or synthetic agents, cholesterol has been shown to enhance fusion by increasing line
tension at domain interfaces or by modulating the activity of fusion mediators [92, 160-162].
Conversely, in model membranes, cholesterol can increase membrane bending rigidity, stabi-
lizing hemifusion intermediates and hindering pore formation [159, 163, 164]. For example, in

GUV-based systems, cholesterol has been reported to reduce fusion efficiency while increasing
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mechanical resistance to pore opening [159, 164]. Furthermore, the presence of charged
lipids can facilitate docking between membranes of opposite charge through electrostatic
interactions [165, 166]. Ionic concentrations and pH levels are additional parameters that
have to be finely tuned for fusion efficacy. Ions are classic fusogens, which lower membrane
hydration barriers, create bridges between charged lipid headgroups, and promote close
membrane proximity [167, 168]. pH also influences the charge state of lipids; for example,
in vivo, certain viral fusion proteins act as pH sensors, with acidic conditions triggering
conformational changes that initiate the fusion process [169, 170]. Temperature can also
regulate membrane fluidity by modulating lipid phase transitions, and lateral mobility of
both lipids and proteins involved in the fusion process [171, 172].

Artificial membrane fusion systems are designed to replicate protein-mediated fusion
mechanisms in a controlled environment for specific applications. Synthetic fusogenic agents
that mimic in vivo processes include fusogenic peptide sequences [151, 173, 174], complemen-
tary oligonucleotide strands [175-177], polymers [178, 179], and engineered inorganic NPs [90,
180-182]. Biomimetic studies with NPs have shown that their major advantage as fusogenic
agents lies in their tunable physico-chemical properties. Key structural parameters of NPs
include the material, size, shape of the NP core, and the surface functionalization. These
characteristics determine how effectively NPs interact with lipid membranes and promote
fusion [92, 183, 184].

The amphiphilic AuNPs employed for this thesis work tend to insert and stabilize
within the hydrophobic core of the membrane, thereby activating fusion pathways that
closely resemble protein-inspired fusogenic mechanisms [90]. These NPs reduce the critical
energy barriers associated with the initial membrane approach and stalk formation through
sulfonate-lipid interactions, and, upon calcium triggering, the stalk expands into a fusion
pore. Figure 3.2b schematically illustrates this mechanism.

In this chapter, I explore how the interplay between NP size and membrane curvature
affects vesicle fusion. Vesicles composed of DOPC and cholesterol were used. Previous
studies showed that NPs can induce fusion of DOPC vesicles, which otherwise do not fuse
spontaneously. Moreover, Canepa et al. demonstrated that increasing cholesterol content
enhances fusion efficiency by promoting hydrophobic contacts between apposing membranes.
Simulations further suggested that cholesterol accumulation at the stalk may contribute to its
stabilization. The aim of this work is to elucidate mechanisms underlying vesicle fusion with
different NP sizes and membrane curvatures, which influence local membrane deformations
and the stability of fusion intermediates. To this end, experimental and computational

approaches were combined to provide a detailed view of the process.
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3.2 Materials and methods

3.2.1 Lipid vesicles preparation and characterization

Vesicle preparation. DOPC vesicles containing a biologically relevant cholesterol fraction
(DOPC:chol 70:30 2—3) were prepared. MLVs were obtained by hydrating a dry DOPC/chol
lipid film, followed by sonication of the lipid suspension. For lipid mixing and QCM-D
experiments, the hydration was performed using a buffer containing 2.5 mM Trizma® base
and 50 mM NaCl (pH 7.4), whereas for content mixing experiments an aqueous solution
containing 50 mM self-quenched SRB and 2.5 mM Trizma® base (pH 7.4) was used.

Subsequently, unilamellar vesicles were obtained by extrusion using an Avanti Mini-
Extruder (Avanti Polar Lipids) equipped with polycarbonate membranes of varying pore

sizes (Whatman) (see Appendix A for more details).

For the FRET-based lipid mixing assay (Section 2.1.1), vesicle bilayers were labeled with
0.5mol % of a donor lipid (18:1 NBD-PE) and 0.5 mol % of an acceptor lipid (18:1 Rhod-PE).
Two distinct populations of vesicles (LUVs and SUVs) with different membrane curvatures
were prepared. LUVs unlabeled and labeled with NBD-PE and Rhod-PE were obtained by
extruding MLVs 25 times through a 0.1 pm membrane. SUVs were obtained via sequential
extrusion through progressively smaller pore membranes: 31 times through 0.1 pm, and

0.05 pm membranes, and 13 times through 0.03 pm membrane.

For the content mixing assay (Section 2.1.2), two distinct vesicles population were
prepared. SRB-loaded LUVs were obtained by extruding MLVs 19 times through 0.1 pm
membrane. For SRB-loaded SUVs, 17, 17, and 13 extrusions were performed through 0.1 pm,
0.05 pum, and 0.03 pm membranes, respectively. Subsequently, vesicles were purified from
unencapsulated SRB using a minicolumn centrifugation technique (Sephadex® G-50 Medium
gel, centrifugation at 3000 rpm for (1 — 2) min) to remove dye from the external medium,

ensuring that SRB remained only in the vesicle lumen. Lipid concentrations were 2mgmL ™.

For the QCM-D experiments, unlabeled DOPC:chol 70:30 LUVs were prepared by

extrusion at a lipid concentration of 4mgmL ™.

All vesicle suspensions were stored at 4 °C, with fluorescent batches protected from light.

Vesicle characterization. The hydrodynamic diameters of the vesicles were characterized
by DLS measurements conducted at room temperature using a Zetasizer Nano ZS instrument
(Malvern Panalytical). The scattered light was collected in backscattering mode at 173°.
Measurements were performed on vesicles immediately after extrusion without further
dilution, except for SRB-loaded vesicles, for which sizes were determined after filtration. The

results are reported in Figure 3.3.
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3.2.2 AulNPs characterization

Monodisperse AuNPs with a ligand ratio of 2:1 MUS:OT (68 mol % MUS and 32 mol% OT)
and two different gold core diameters, (2.4 £+ 0.4) nm and (4.8 £ 0.5) nm, were employed.
Hereafter, they will be referred to as small and large AuNPs, respectively. Brief details on
the AuNP synthesis are reported in Appendix B. After the synthesis, small and large AuNPs
were characterized by Transmission Electron Microscopy (TEM) and 'H Nuclear Magnetic
Resonance (NMR) to determine the core size and the ligand ratio, respectively.

I prepared AuNP suspensions in aqueous solution at concentrations of 0.73 mgmL ™"
for small NPs and 5mgmL~" for large NPs. This adjustment ensured that an equivalent
volume of NP solution was added in fluorescence experiments, corresponding to the same
number of particles for small and large AuNPs in the cuvette. Before all experiments, AuNPs
were sonicated in an ultrasonic bath for a few seconds. In general, these AuNPs exhibited
remarkable long-term colloidal stability in water, and their dispersions did not require further
manipulation before use. The molecular weight (MW) of the small NPs was calculated to be
68.689 gmol !, while that of the large NPs was 470.836 gmol '. See Appendix C for details
on MW calculation. DLS and zeta potential control measurements were performed prior to
all experiments involving lipid vesicles. DLS data confirmed the absence of aggregates and
provided the hydrodynamic diameters of the AuNPs, while Zeta Potential measurements
indicated the colloidal stability of the AuNP suspensions. UV-Vis spectra were acquired
to evaluate the absorbance of NPs at the LSPR peak using a UV-1900 spectrophotometer
(Shimadzu). The characterization data are reported in Figure 3.4 and Table 3.1.

3.3 Experimental methods

3.3.1 Fluorescence assays

I investigated fusion mechanisms triggered by calcium ions (Ca®t) and mediated by small and
large AuNPs, for both curvatures of lipid vesicles. Fluorescence experiments were conducted
at 25 °C using a Fluorolog-3 spectrofluorometer (Horiba Jobin-Ivon) with a Suprasil® quartz
cuvette (Hellma®, semi-micro, light path 10 mm x 4mm) under continuous stirring. For
each experiment, the final lipid concentration was 0.32 mM in a total volume of 850 L.

For the lipid mixing assay, unlabeled vesicles and vesicles labeled with NBD-PE and Rhod-
PE were mixed in a 4:1 molar ratio. Samples were excited at \exe = 470 nm, corresponding to
the characteristic excitation maximum of the donor fluorophore NBD-PE. The fluorescence
emission of NBD-PE was monitored over time at Aey1 = 530 nm, while the emission of the
acceptor fluorophore Rhod-PE (Aexe = 5401nm) was recorded at Aep 2 = 585 nm.

For the content mixing assay, unlabeled vesicles and SRB-loaded vesicles were mixed
at a 2:1 molar ratio. SRB was excited at Ao = 565 nm and its fluorescence emission was

continuously recorded at \ep, = 586 nm.
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For experiments with large vesicles, a fixed molar ratio R = “;f;lli\?;is = 5800 (=~ 13 AuNPs
per vesicle) was used. For small vesicles, experiments were performed at R = 5800 (= 3
AuNPs per vesicle) and R = 2320 (=~ 7 AuNPs per vesicle). The value of R in the cuvette
was estimated from the volume of stock solution added and the AuNP molecular weight.

The number of vesicles was estimated using the number of lipids per vesicle, calculated as:

Am(2)? + 4m (4 — h)?
a

Ntot == (31)

where d is the vesicle diameter, h is the bilayer thickness (= 5nm), and a is the headgroup
area (=~ 0.71nm? for phosphocholine). For each AuNP size, the same volume (4.4 uL for
R = 5800 and 11 nL for R = 2320) was added from stock solutions at different concentrations
(0.73mgmL ™" for small NPs and 5mgmL ™" for large NPs) to obtain the same number of
AuNPs in cuvette. In both lipid and content mixing experiments, fusion was triggered by
adding 10 L of a 170mM CaCl, stock solution to achieve a final Ca*" concentration of
2mM. Unless otherwise specified, AuNPs were incubated with vesicles for 15 min before
Ca*" addition.

For lipid mixing experiments (see Figure 3.5a for a representative fluorescence signal raw
curve), time-dependent rhodamine emission data, Frpoq(t), were normalized by the initial

fluorescence measured in control experiments without AuNPs, FPlnk " as follows:

_ FRuoa(t) — FoRhod
- blank
F Rhod

AFRhOd (%)

norm

- 100 (3.2)

For content mixing experiments (see Figure 3.7a for a representative fluorescence signal raw
curve), SRB fluorescence data were normalized using the maximum fluorescence after vesicle

lysis with detergent (0.9 % w/v sodium cholate), Fiax sk, as follows:

_ Fsrp(t) — Fosrp

AFSRB %
(%) FaxsrB — FosrB

norm

- 100 (3.3)

where F{ rnoa/sr 1s the mean fluorescence before Ca?" addition, Fguoq /sri(t) is the fluores-
cence signal during the recording, and Fiaxsrp is the maximum fluorescence measured after

vesicle rupture.

3.3.2 QCM-D

DOPC:chol 70:30 unlabelled LUVs were freshly prepared before the experiments. All
measurements were performed using a QCM-Z500 microbalance (KSV Finland LLC) at a
fixed temperature of 25 °C, employing a thermostated flow chamber. The same experimental
procedure was followed for experiments with both small and large AuNPs. Gold-coated
sensors were used to enable the formation of a supported vesicle layer (SVL). Starting from

a vesicle stock concentration of 4mgmL ™", the vesicles were diluted to a final concentration
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of 0.25 mgmL ™" prior to injection into the chamber. First, the adsorption of vesicles on
the sensor was monitored. Once the frequency signal stabilized at a plateau, excess of
unsupported vesicles was rinsed out. Subsequently, aliquots of 0.01 mgmL ™" small AuNPs
or 0.07mgmL™" large AuNPs were added to the chamber to obtain the same particle
concentration of 0.15uM. The uptake of AuNPs into the membrane was recorded until the
frequency signal reached a plateau, followed by a rinsing step to remove unbound AuNPs.
The number of AuNPs per vesicle was estimated as follows (see Figure 3.6a,b for step
numbering). First, for each overtone (3, 5%, 7th 9th 11th) " A foy1, was calculated as the
difference between the average frequency values between step 2 and step 3 and the average
frequency before the addition of vesicles (step 1). Second, Afyp was calculated as the
difference between the average frequency values between step 4 and step 5 and the average
between step 2 and step 3. The mean value for each Af was obtained by averaging all
overtones. The mass changes, Amgyr, and Amyp, were derived using a modified Sauerbrey

model [91] to account for the viscoelastic properties of the system:

Af

(3.4)
where C/ is the sensitivity coefficient of the quartz crystal sensor 17.7 ng cm ™2 Hz !, nis the
overtone number, and Af/y/n is the normalized frequency A fom. Finally, the mass of a
vesicle of 100 nm diameter (myes) and the mass of a single NP (myp) were used to calculate
the number of vesicles on the sensor, Nyes = Amgyr,/Myes, and the number of NPs on the
sensor, Nyp = Amyp/myp, respectively. The ratio R = Nxp/Nyes was then calculated.

To evaluate the net mass attached to the SVL+AuNP layer, for each overtone the
difference in frequency between the point after step 8 and the point before step 7 was

calculated.

3.4 Results and discussion

Experimental results. DLS measurements performed on the vesicles after extrusion
provided information on their hydrodynamic diameters. Analysis of the intensity size
distributions (Figure 3.3) confirmed that the two vesicle populations are well-separated in
size for all preparations (unlabeled vesicles, labeled vesicles for lipid mixing and SRB-labeled
vesicles for content mixing). In the following, one population will be referred to as large
vesicles and labeled with a representative diameter of 100 nm, whereas the other population
will be referred to as small vesicles and labeled with a representative diameter of 50 nm.
Regarding the NPs, Figure 3.4a,d shows TEM images of the gold cores acquired immedi-
ately after synthesis, together with the corresponding histograms of the core size distributions
(Figure 3.4b,e). This technique provides information on the core sizes while neglecting the

contribution of the amphiphilic coating. To gain further insights into the overall nanoparticle
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Figure 3.3 — Hydrodynamic diameters of large and small lipid vesicles measured for unlabeled
vesicles, vesicles labeled with NBD-PE and Rhod-PE, and vesicles loaded with self-
quenched SRB. Mean values were obtained from intensity-weighted size distributions
(N = 18). Error bars were calculated using Student’s t-statistics with a confidence level
of 95 %. Reprinted from Leonardini et al. [143], licensed under CC BY-NC 3.0.

Figure 3.4 — (a, d) Bright-field TEM images of monodisperse 2:1 MUS:OT small and large
AuNPs, with gold core diameters of (2.4+0.4) nm and (4.8 +0.5) nm, respectively. (b, e)
Distributions of the gold core diameters. (c, f) UV-Vis spectra of small and large AuNPs
acquired in ultrapure Milli-Q) water at the same nanoparticle molar concentration of
0.11 pM, corresponding to 0.05mgmL~! for large AuNPs and 0.008 mg mL ™! for small
AuNPs. Reprinted from Leonardini et al. [143], licensed under CC BY-NC 3.0.
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size, DLS measurements of the hydrodynamic diameter were performed both in water and in
the experimental buffer. The values obtained from these measurements indicate that the
NPs can be clearly distinguished into two populations with different sizes. In addition, the
zeta potential was measured in both water and buffer, and the high absolute values obtained
(I¢| > 30mV) indicate that the NPs exhibit good colloidal stability under both conditions.

All the data are summarized in Table 3.1.

Table 3.1 — AuNPs were characterized after synthesis by TEM and 'H-NMR, and before
each experiment to assess their size (DLS) and colloidal stability ((-potential).

TEM? "H-NMRP DLS - hydrodynamic diameter (nm)¢  (-potential (mV)4

core diameter (nm) OT mol % water buffer water buffer
24+04 3245 29+04 8.4+0.7 —514+4 —43+3
48+ 04 3245 5.7+t14 10.8+£0.9 —594+3 —45+3

mean =+ one standard deviation.

mean + error calculated using Student’s statistics (95 % confidence level, N = 3).

mean + error calculated using Student’s statistics (95 % confidence level, at least N = 12).
mean + error calculated using Student’s statistics (95 % confidence level, at least N = 6).

z
a
The NP-mediated vesicle fusion process was investigated by combining fluorescence
spectroscopy assays and QCM-D measurements. Membrane fusion was first probed using
a lipid mixing fluorescence assay based on FRET between the donor lipid, NBD-PE, and
the acceptor lipid, Rhod-PE. For these experiments, an unlabeled vesicle population and a
population labeled with the two FRET probes were mixed and incubated with small or large
AuNPs. Fusion was triggered by adding 2mM Ca?*, and temporal changes in the FRET
signal were monitored. In Figure 3.5a, representative raw curves of lipid mixing are shown.
The initial fluorescence signal is similar in the control experiment and in the presence of
small NPs, while it is lower in the case of large NPs. This effect arises from the different
absorbance properties of the AuNPs, as shown in Figure 3.4a,d. In particular, large AuNPs
exhibit higher absorbance around the localized surface plasmon resonance peak (=~ 520 nm)
compared to small AuNPs at the same concentration. As a consequence, the emission from
the donor lipid NBD-PE (=~ 530 nm) is partially absorbed by the AuNPs and is therefore
not fully transferred to the acceptor lipid Rhod-PE.
As discussed in Section 3.3.1, LUV experiments were conducted at the molar ratio
R = 5800 (=~ 13 AuNPs per vesicle), and SUVs experiments were performed at R = 5800
(~ 3 AuNPs per vesicle) and R = 2320 (= 7 AuNPs per vesicle). Figure 3.5 show the time
course of FRET-based lipid mixing signals for LUVs at R = 5800 (Figure 3.5b), SUVs at
R = 5800 (Figure 3.5¢) and R = 2320 (Figure 3.5d). Compared to the control experiment
without NPs (green curve), which exhibits a flat Rhod-PE fluorescence signal, experiments
with NPs show a decrease in Rhod-PE fluorescence after Ca*" injection (blue and pink

curves), indicating that lipid mixing occurred. This increased the spatial distance between
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Figure 3.5 — Lipid mixing assay. (a) Representative raw curves of lipid mixing experiments
performed in the absence of NPs (green curve) and in the presence of small and large NPs
(blue and pink curves, respectively). The curves show the initial fluorescence intensity (Fy)
and the decrease in Rhod-PE fluorescence signal following Ca®* injection. The differences
observed in the Fy values of Rhod-PE between small and large NPs are discussed in
the text. (b-d) Normalized reduction (%) of the real-time Rhod-PE fluorescence signal.
A lipid mixing assay based on FRET was performed using DOPC:chol 70:30 (mol %)
vesicles with different membrane curvatures. LUVs and SUVs were preincubated for
15min with AulNPs at a molar ratio R = 5800 for LUVs (b) and R = 5800 (c) and
R = 2320 (d) for SUVs. Only the last 10 minutes of the preincubation are shown.
After Ca®" injection (2mM at 600s; dashed arrows), lipid mixing led to a decrease in
the Rhod-PE fluorescence signal in the presence of both small and large NPs. This
behaviour, observed for both vesicle curvatures, indicates membrane remodelling due to
vesicle-vesicle interactions mediated by AuNPs. Adapted from Leonardini et al. [143],
licensed under CC BY-NC 3.0.
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FRET donor and acceptor, resulting in a decreased acceptor signal. For LUVs, the Rhod-PE
fluorescence intensity decreases until reaching a stable signal after a few hours. In SUVs
experiments, a decrease in Rhod-PE fluorescence is also observed for both values of R. In
the condition with fewer NPs per vesicle, the fluorescence reaches a more stable signal at
longer times compared to the condition with a higher number of NPs per vesicle, where the

plateau is reached approximately 30 min after Ca*" addition.

To further investigate interactions between vesicles and AuNPs of different sizes, QCM-D
measurements were performed using DOPC:chol 70:30 mol % LUVs. Gold-coated QCM
sensors were employed to form a supported vesicle layer (SVL), allowing vesicles to adhere
without merging [185]. This provides a viscoelastic system suitable for studying interactions
with NPs and other vesicles. Interactions between (2 — 5) nm core size AuNPs and mem-
branes have been previously demonstrated using confocal, electron, atomic force microscopy,
and electrophysiology studies [87, 88, 186]. Figure 3.6 shows two representative QCM-D
experiments, one performed with large NPs and the other with small NPs, with all the
experimental steps indicated. Consistent with the findings obtained from the other techniques
and with our previous SVL results [91, 92], QCM-D data showed that small AuNPs passively
penetrate the membrane. Large AuNPs also stably interact with the membrane, but their
entry kinetics are slower (steps 3-4). The number of NPs per vesicle was estimated to be
approximately 94 for small AuNPs and 84 for large AuNPs. Following NP uptake, QCM-D
was used to detect mass changes induced by vesicle fusion events. Ca?*-triggered vesicle
fusion was tested for both NP sizes. Control measurements were performed by injecting
additional Ca®*-free vesicles (step 5), showing no significant frequency changes. After ~ 15
minutes, a rinse was performed (step 6), followed by the addition of vesicles with 2mM Ca?™
(step 7), and a final rinse to remove unbound material (step 8). Different behaviours of
the SVL were observed in the presence of small and large NPs. With large NPs, a larger
frequency decrease was observed compared to small NPs, indicating that more vesicles bind
to the SVL. This behaviour was coherent with dissipation measurements: a decrease in
frequency corresponded to an increase in dissipation, suggesting increased viscoelasticity due
to water-filled vesicles, more pronounced with large NPs. After the final rinse, frequency
increased and dissipation decreased in the presence of large NPs, indicating removal of weakly
bound material. No material was washed away with small NPs, revealing stable vesicle
attachment. In both cases, after step 8, a fraction of vesicles remained bound to the SVL,
suggesting hemifusion or fusion events. The remaining mass after the final rinse (step 8)
was found to be similar for small and large NPs, corresponding to (1.18 £ 0.07) ugcm 2 and
(1.28 4 0.05) pg em ™2, respectively (see Section 3.3.1 for calculation details).

To distinguish hemifusion from complete fusion, content mixing assays were performed
using the self-quenched dye SRB [92, 104]. Two vesicle populations with the same size
and lipid composition were prepared: one loaded with 50 mM SRB [90, 105] and the other

without dye. Upon fusion, vesicle contents mix, leading to dilution of SRB, its dequenching,
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Figure 3.6 - QCM-D measurements. Representative QCM-D curves (5" overtone)
showing the normalized frequency shift (AFyorm) and dissipation (AD). (a) Experiments
involving small NPs interacting with large DOPC:chol 70:30 (mol%) vesicles. (b) Experi-
ments involving large NPs interacting with large DOPC:chol 70:30 (mol%) vesicles. Both
experiments were performed under identical conditions (lipid concentration 0.25 mg mL ™
and AuNP concentration 0.15nM) and followed the same experimental procedure, with
the individual steps numbered in the graphs. The red dashed lines indicate rinsing steps,
during which a complete exchange of solution in the QCM-D chamber occurs and all
material not adhered to the sensor surface is removed. The black dashed lines indicate the
steps represented by the cartoons shown below the graphs. The gold-coated sensor was
allowed to equilibrate in buffer for 600 s prior to vesicle addition. The first pronounced
decrease in frequency corresponds to the formation of the supported vesicle layer (SVL)
(1, vesicle addition; 2, rinse of vesicles not adhering to the sensor). The second decrease
corresponds to the uptake of AuNPs into the membrane (3, NP addition; 4, rinse of
non-uptaken NPs). Subsequently, a control step was performed by introducing vesicles in
the absence of calcium into the chamber (5, vesicle addition; 6, rinse). The third step (7,
vesicle and Ca?T addition; 8, rinse) corresponds to vesicle fusion or hemifusion with the
SVL, triggered by the presence of calcium (red points in cartoon 7). Cartoons are not
to scale. See Section 3.3.2 for full details on the experimental setup and data analysis.
Adapted from Leonardini et al. [143], licensed under CC BY-NC 3.0.
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Figure 3.7 — Content mixing assay. (a) Representative raw curve of a content mixing
experiment with small NPs, showing the initial fluorescence level Fyy, the Ca®t injection,
the increase in fluorescence signal due to SRB dilution, and the addition of the detergent
sodium cholate, which causes the rupture of vesicles and results in the maximum dilution
of SRB (Fiax)- (b, ¢) Normalized increases (%) of real-time SRB fluorescence signal of
DOPC:chol 70:30 vesicles of different membrane curvatures are shown. LUVs and SUVs
were incubated for 15 min with AuNPs at a molar ratio R = 5800, corresponding to 13
AuNPs per vesicle and 3 AuNPs per vesicle, respectively. (d) SUVs were incubated
at R = 2320 ( 7 AuNPs per vesicle). Only the last 10 min of preincubation are shown
in each plot. After 600s, 2mM Ca?* were added (dashed arrows). In the presence of
vesicles with membranes of low curvature (i.e. LUVs), the fluorescence emission of SRB
(%) increases significantly when vesicles are incubated with small AuNPs (blue curve),
suggesting mixing of vesicle contents. However, when large AuNPs are used (pink curve),
an increase in SRB fluorescence emission is not observed and the signal overlaps that of
the control without AuNPs (green curve). In the presence of more curved membranes (i.e.
SUVs), a significant increase in the SRB signal is observed with small NPs (blue curve),
while, unlike the case with LUVs, even with large NPs a slight increase in fluorescence is
observed (pink curve). The latter is indeed distinct from the control experiment (green
curve). Adapted from Leonardini et al. [143], licensed under CC BY-NC 3.0.
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Figure 3.8 — Real-time lipid mixing and content mixing fluorescence assays at different
preincubation times of small and large AuNPs with DOPC:chol 70:30 LUVs.
(a, b) Normalized decrease (%) of Rhod-PE emission signal due to lipid mixing after
calcium injection. (c, d) Normalized increase (%) of SRB emission signal due to vesicle
content mixing after calcium injection. Reprinted from Leonardini et al. [143], licensed
under CC BY-NC 3.0.
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and an increase in the fluorescence signal. Figure 3.7a shows a representative raw SRB
fluorescence trace as a function of time. The system initially displays a baseline fluorescence
level (Fy). After the addition of 2mM Ca®* (dashed arrow), the fluorescence increases due
to fusion events occurring in the system. Once a stable signal is reached, a detergent is
added to disrupt all vesicles and determine the maximum fluorescence level of the system
(Fimax) in each experiment. This value is required to normalize the fluorescence curves, as
described in Section 3.3.1. LUVs and SUVs were preincubated for 15 min with small or large
AuNPs. Experiments used the same lipid /NP ratios as lipid mixing experiments. Small
AuNPs (blue curves) induced a rapid increase in SRB fluorescence within seconds of Ca**
addition, reaching a plateau of approximately 18 % within a few seconds from 30 min in the
presence of large vesicles. In contrast, the curve of the control experiment and the curve
with large AuNPs overlap, indicating that large NPs do not induce fusion with low-curvature
membranes (Figure 3.7b). With highly curved membranes and a low number of NPs, small
NPs exhibit different fusion kinetics (blue curve), while the fusion curve associated with
larger NPs no longer overlaps with that of the control experiment (Figure 3.7¢). Upon
increasing the number of small NPs per vesicle in highly curved membranes, a pronounced
content mixing is observed for small NPs, reaching a plateau value of approximately 48%.
The pink curve, instead, also shows detectable fusion, distinct from the control (green curve)
without AuNPs, indicating that higher membrane curvature promotes fusion events even in
the presence of larger NPs (Figure 3.7d).

Additionally, lipid and content mixing assays at various AuNPs preincubation times were
conducted. For lipid mixing, I tested incubation times of 5min and 4 h, while for content
mixing, I tested 5min, 4h, and overnight (15h). As shown in Figure 3.8, the curves at

different incubation times appear to overlap, indicating the same time trend.

Figure 3.9 — For lipid (left) and content (right) mixing experiments, at least 3 replicates
were performed using two different LUVs batches. The resulting mean curves with their
corresponding standard deviations are shown. The curves have been smoothed using a
moving average. Reprinted from Leonardini et al. [143], licensed under CC BY-NC 3.0.
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To verify the reproducibility of the fusion curves acquired, experiments were repeated
using different LUV batches. The resulting replicates (at least 3) were overlaid, and mean
curves with corresponding standard deviations are shown in Figure 3.9. The smoothed curves
confirm that the characteristic behaviors of both small (blue) and larger (pink) AuNPs are
consistent across batches. These results support the robustness of the kinetic trends reported

in the previous experiments.

Computational results. To add molecular details and help interpret the experimental
results on the interplay between the NP and vesicle sizes, molecular dynamics (MD) simula-
tions exploiting sub-molecular resolution coarse-grained (CG) models have been employed.
The lipid bilayers (DOPC with 30 mol % cholesterol) and the MUS:OT AuNPs have been
modeled with the Martini CG force-field [92, 183, 187].

The simulations focused on stalk formation of vesicles with different membrane curvatures.
In particular, vesicles with diameters of 17 and 30 nm were considered. Although these sizes
do not exactly match the experimental ones due to computational limitations, they allow for
a meaningful comparison of curvature-dependent effects. Regarding the NPs, CG models of
AuNPs with core diameters of 2 and 4 nm were employed. Umbrella sampling simulations
were used to calculate the free energy profiles associated with the stalk formation [188].
As a collective variable, a modified version [183] of the chain coordinate ({u,), originally
developed by Hub et al. [163], was employed. For each simulation box in the pre-stalk
configuration, a single NP was positioned so that its surface was approximately 2nm away
from the facing membrane. In the initial configuration, the NP spontaneously interacts with
the upper bilayer through the charged terminal groups of the MUS ligands. An example of
the simulation set-up is shown in Figure 3.10a, the absorbed state is referred as (A) and the
stalk state is referred as (S) (see [143] for details of the system preparation). The state A

was set as the zero of free energy, and the stalk stability was quantified as
|AG| = ‘Gmin,S - Gmin,A‘ (35)

The stalk formation is started by the establishment of a hydrophobic contact between
a lipid from the opposing membrane and the hydrophobic ligands of the AuNP. Upon this
interaction, the charged MUS terminal groups exposed to the aqueous phase reorganize
to favor the hydrophobic connection, separating into one group anchoring the NP to the
distal leaflet, and the second group surrounding the circular edge of the stalk (Figure 3.10b).
Analysis of the free energy profiles shows that the S state corresponds to the most stable
configuration. For vesicles with a diameter of 30 nm, the energy barriers are comparable for
the two NP sizes. However, the free energy minimum associated with the stalk is deeper for
the smaller NP core, indicating that 2nm NPs promote stalk formation more effectively than

4nm NPs. A similar trend is observed for membranes with higher curvature, although the
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Figure 3.10 — Molecular dynamics simulations of stalk formation. (a) Set-up of
the simulation box showing a single vesicle interacting with itself in the region of the
embedded NP thanks to periodic boundary conditions. The cilinder position used to
define the coordinate chain () is also represented. Lipid heads are in cyan, lipid tails
in blue, the NP core in yellow, MUS ligands in red. (b) Snapshot of MUS ligands
during stalk formation. Bottom ligands anchor the NP core to the distal leaflet, while
top ligands surround the stalk edge, promoting hydrophobic membrane contacts. (c)
Free energy profiles of stalk formation for the (30nm) vesicle with both NP sizes. The
energy Is set to zero in state A, and in state S the minimum is more stable with small
NPs compared to large NPs. (d) Free energy profiles of stalk formation for the (17nm)
vesicle with both NP sizes. For the highly curved vesicles, the difference between the
minima of the two NP sizes is reduced. (e) Graph summarizing the free energy values
(taken at maxima and minima, with their standard deviations) as a function of membrane
curvature: zero corresponds to flat membranes (from Brosio et al. [183]), low and high to
vesicles with diameters of 30nm and 17nm, respectively. Reprinted from Leonardini et
al. [143], licensed under CC BY-NC 3.0.
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difference in the free energy minimum of the stalk state between the two NP sizes is further
reduced. Figure 3.10e presents the results for curved membranes together with previously
reported data for flat membranes [183]. These results show that increasing membrane
curvature stabilizes the stalk relative to the pre-stalk state for both NP sizes, making the
effect of the NP core size less critical in more highly curved vesicles. This is also due to
the fact that smaller NPs promote the formation of a continuous lipid stalk in all cases of
curvature, whereas larger NPs require increased membrane curvature to partially stabilize a
lipid-mediated connection. In addition, cholesterol plays a key role particularly in the inner
leaflet and in the vicinity of the NPs, since it preferentially accumulates in the inner leaflet
and in the vicinity of the NPs in selected membrane regions, where it enhances the stability
of the stalk [143].

3.5 Conclusions

Combining experimental and computational results, it has been shown that small AuNPs
are more effective than larger AuNPs in mediating fusion between phosphatidylcholine
vesicles. Lipid-mixing assays indicate that membrane lipid rearrangements occur in the
presence of both small and large AuNPs. However, content mixing experiments show that the
fusion process always proceeds to pore formation in the presence of small AuNPs, whereas
large AuNPs promote fusion only in highly curved membranes. These findings are further
supported by QCM experiments, which show that both NPs sizes are able to penetrate
the lipid bilayer, and only systems containing small AuNPs exhibit stable vesicle-vesicle
interactions. Computational results helped to elucidate the molecular mechanisms driving
these interactions. The size of the NP core determines its curvature, which as a consequence
regulates the conformational flexibility of the surface ligands [81, 183]. For this reason, the
higher curvature of small NPs enables greater ligand flexibility, leading to the stabilization
of a thicker stalk structure, in agreement with previous findings. In addition, the reduced
steric bulk of smaller NPs allows the formation of a continuous hydrophobic bridge between
opposing membranes. The extent of this hydrophobic connection increases with vesicle
curvature and plays a crucial role in enabling the transition from the stalk intermediate to
the hemifused state.

Overall, these results indicate that, by fine-tuning these physical determinants, AuNPs
are a promising synthetic fusion machinery for the development of tailored drug delivery

tools.






CHAPTER 4

Giant unilamellar vesicles doped with NPs

This chapter investigates the interaction between AuNPs and GUVs. I performed these
experiments during a visiting research period in the group of Dr. Rumiana Dimova at the
Max Planck Institute of Colloids and Interfaces in Potsdam, Germany. Conventional optical
and confocal microscopy were employed to study membrane remodeling induced by NP

embedding.

4.1 Introduction: NP-GUYV interactions

GUVs are a robust and widely used membrane model system which provide an ideal platform
for studying NP-membrane interactions under well-controlled conditions [37]. GUVs are cell-
sized vesicles that enable the investigation of membrane responses to external perturbations
(e.g., NP uptake) [189-192] and direct visualization of membrane remodeling phenomena
(e.g., tubulation, budding, and shape transformations) [193], as well as the detection of
membrane poration and leakage [194, 195]. Due to their size, GUV-based systems are highly
compatible with optical microscopy techniques. These approaches allow real-time observation
of membrane behavior and enable several properties to be probed in the same experiment.
Furthermore, structural changes and dynamic processes can be studied at the single-vesicle
level. Representative images of a GUV acquired using different optical techniques are shown
in Figure 4.1.

To characterize the interactions between NPs and GUVs, several experimental approaches
can be employed depending on the properties under investigation. To demonstrate NP
insertion into membranes, Atukorale et al. [88] applied the colocalization approach. In these
experiments, fluorescent NPs and labeled lipids are used to reveal the NP uptake into lipid

membranes by visualizing regions in which the fluorescence of the NPs overlaps with that of
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Figure 4.1 — Representative images of a GUV obtained using different optical
techniques. In bright-field imaging (a), the vesicle is difficult to observe due to its
transparency in visible light. Vesicle visibility is enhanced in phase-contrast microscopy
(b) due to refractive index differences between the vesicle interior and exterior. Images
(c) and (d) show, respectively, a labeled vesicle membrane and a dark vesicle lumen in a
fluorescent external medium, acquired using confocal fluorescence microscopy. Scale bars
are 25 pm.

Figure 4.2 — Brightfield and confocal images of GM Vs incubated with Huorescently
labeled NPs. BODIPY-labeled MUS:OT NPs (size range (2 — 3) nm) incubated with
NBD-PE-labeled GM Vs are shown. In (a), DOPC GMVs exhibit visible NP incorporation
within the membrane. In (b), 80:20 DOPC:DOPG GMVs show no detectable NP
incorporation in the membrane. In (c), DPPC GMVs hinder NPs uptake due to the
gel-phase nature of the membrane. Samples were incubated for 1h at 25°C. GMVs were
prepared in 50 mM sucrose solution and diluted in 50 mM glucose solution. Scale bars are
50 pm. Reprinted with permission from Atukorale et al. [88]. Copyright (2018) American
Chemical Society.
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the lipids and allowing a direct assessment of NP incorporation into the membrane [196-199].

These studies have revealed how membrane charge and phase influence interactions with
amphiphilic NPs. In Figure 4.2, the interactions of MUS/OT BODIPY-labeled NPs with
DOPC giant multilamellar vesicles (GMVs), DOPC/DOPG GMVs, and DPPC GMVs are
compared. NPs are clearly embedded in zwitterionic fluid-phase DOPC GMV membranes,
whereas they are excluded from anionc DOPC/DOPG membranes (Figure 4.2a,b). Atukorale
et al. also showed that confocal imaging revealed a 4.9-fold lower BODIPY signal in
DOPC/DOPG GMVs compared to DOPC GMVs. Furthermore, to assess the impact of
membrane phase and fluidity on NP adsorption, BODIPY-labeled NPs were incubated with
DPPC GMVs. The results showed that NP uptake is strongly inhibited in gel-phase DPPC
GMVs, with no detectable BODIPY signal (Figure 4.2¢). All GMVs were prepared in 50 mM
sucrose and diluted in 50 mM glucose, the same solutions used in the experiments described
in this chapter.

Other fluorescence-based techniques, such as Laurdan generalized polarization, can
probe GUV membrane fluidity [200], and similarly fluorescence recovery after photobleaching
(FRAP) can provide quantitative information on membrane lipid diffusivity [199]. In addition,
particle-tracking approaches enable monitoring of NP dynamics on the membrane and their
impact on overall membrane mobility [201, 202]. To gain further insight into membrane
stability upon NP incubation, the mechanical properties of vesicles can be investigated, such
as membrane tension and membrane curvature [203-205].

NP embedding can also influence vesicle morphology. The morphological changes can be
analyzed by examining vesicle shape [194] and the presence of internal or external structures,
including tubules, buds, and small vesicles [206, 207], thereby allowing the classification
of vesicle structures. In addition to the mechanical and morphological aspects, membrane
stability can also be evaluated by probing membrane integrity, in particular by assessing its
permeability [195, 207]. This can be achieved by monitoring the permeation of molecules
or fluorescent probes across the vesicle membrane, either outward or inward, depending on
the leakage assay protocol employed. These techniques allow a detailed characterization of
both the structural and functional changes in membranes, revealing how NPs specifically
modulate GUV properties.

In this chapter, I employed DOPC GUVs and non-fluorescent 2:1 MUS:OT NPs. While
many studies have focused on NP insertion into membranes, there is limited knowledge about
the effects of NPs on GUV membrane morphology. To this end, fluorescence microscopy was
used to visualize vesicle deformations upon NP incubation, with particular attention to the
distribution of vesicle morphologies. In addition, membrane poration was monitored using a

fluorescence-based assay and phase-contrast microscopy.
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4.2 Materials and methods

4.2.1 GUVs preparation

GUVs composed of DOPC were prepared using the electroformation method [208]. Stock
solutions of DOPC in chloroform were prepared at a concentration of 3mM and stored at
—20°C. Fresh batches of GUVs were prepared prior to each experiment following a standard
electroformation protocol. Electroformation was performed using two indium tin oxide
(ITO)-coated glass plates (Prazisions Glas & Optik, Iserlohn, Germany). The plates were
cleaned sequentially with pure water, ethanol, chloroform, ethanol and water prior to use.
Subsequently, 10 pLi of the lipid solution was evenly spread on each plate. The coated plates
were then placed in a vacuum desiccator for at least one hour to allow complete evaporation
of the chloroform. Once the solvent had fully evaporated, the two glass plates were assembled
using a rectangular Teflon spacer to create the electroformation chamber. The chamber was
then filled with 2 mL of an aqueous sucrose solution with an osmolarity of 50 mOsm /kg. The
osmolarity was adjusted using a freezing-point osmometer (Gonotec Osmomat 3000, Berlin,
Germany). Prior to use, the solution was filtered through 0.2 um cellulose acetate membrane
filters (Whatman PURADISC 30/0.2 CA).

Electroformation was performed by applying an alternating voltage of 1.6 V peak-to-peak
at a frequency of 10 Hz. Following electroswelling, the vesicle suspension, with a final lipid
concentration of 30 pM, was gently collected using a pipette and subsequently used in the
experiments. Additional details regarding the electroformation procedure are provided in
the Appendix A.

4.2.2 AulNPs characterization

Monodisperse AuNPs with a ligand ratio of 2:1 MUS:OT (68 mol % MUS and 32mol %
OT) and a gold core diameter of (3.2 & 0.3) nm were employed. In contrast to Chapter 3,
size-dependent effects are not the primary focus of this study; therefore, an intermediate
NP diameter was selected. The NPs were synthesized using the same protocol as that
employed in Chapter 3. See Appendix B for further details on the synthesis of AuNPs.
Figure 4.3 shows TEM images of the AuNP cores immediately after synthesis, and the
corresponding histograms of the core size distributions. AuNPs were characterized by TEM
and '"H-NMR to determine the core size and the ligand ratio after the synthesis. AuNP
suspensions were prepared in Milli-Q ultrapure water at concentrations of 1.6 mgmL ™",
Before all experiments, AuNPs were sonicated in an ultrasonic bath for a few minutes. In
general, these AuNPs exhibited remarkable long-term colloidal stability in water, and their
dispersions did not require further manipulation before use. The molecular weight of the
small NPs was calculated to be 151163 gmol ™" (see Appendix C for the calculation). DLS

and zeta potential measurements were performed prior to all experiments involving lipid
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vesicles with a Zetasizer Nano ZS (Malvern Panalytical, UK). DLS measurements were
performed to evaluate the hydrodynamic diameter both in water and in the external glucose
solution. In addition, zeta potential measurements indicated that the NPs exhibit good

colloidal stability in both solutions. All the data are summarized in Table 4.1.

Figure 4.3 — (a) Bright-field TEM image of monodisperse 2:1 MUS:OT AuNPs, with gold
core diameters of (3.2 £0.3) nm. (b) Distributions of the gold core diameter.

Table 4.1 — AuNPs were characterized after synthesis by TEM and 'H-NMR, and before
each experiment to assess their size (DLS) and colloidal stability ((-potential).

TEM? 'H-NMRP  DLS - hydrodynamic diameter (nm)¢  (-potential (mV)d
core diameter (nm) OT mol % water ext. sol. water  ext.sol.
3.2+£0.3 3215 72+1.7 10.8+1.1 —47T+3 —-43+£6

& mean =+ one standard deviation.

b mean + error calculated using Student’s statistics (95 % confidence level, N = 3).

¢ mean =+ error calculated using Student’s statistics (95 % confidence level, at least N = 12).
4 mean =+ error calculated using Student’s statistics (95 % confidence level, at least N = 6).

4.2.3 In-bulk experiments

Two sets of experiments were performed to investigate the morphology and permeability of
GUVs. GUVs prepared in sucrose solutions were diluted 1:4 in isotonic glucose solutions
(50mOsm/kg). Prior to GUV deposition, glass slides were passivated with Bovine Serum
Albumin (BSA) (10 puL from a 2mgmL~" batch was spread on the slide and left for 20 min at
room temperature) and subsequently rinsed with Milli-Q ultrapure water. For experiments
with NPs, glucose solutions containing 0.02 mg mL™' NPs were prepared, at 50 mOsm /kg.
In all cases, imaging was performed after 15 min of incubation at room temperature. For
membrane morphology studies, DOPC GUVs were labeled with 0.5 % Rhod-PE and incubated
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Figure 4.4 — Experimental setup for NP-induced pertubation of GUV morphology.
Rhod-PE-labeled GUVs were deposited on BSA-passivated glass slides and incubated
in isotonic glucose solutions, with or without NPs. Sealing with a Teflon spacer and a
coverslip formed a closed chamber, ensuring osmotic equilibrium and enabling controlled
membrane-NP interactions under bulk conditions for GUV morphology analysis.

Figure 4.5 — Experimental setup for NP-induced pertubation of GUV perme-
ability. NBD-PE-labeled GUVs dispersed in SRB-glucose solutions were deposited on
BSA-passivated glass slides and incubated in isotonic solutions, with or without NPs.
After sealing, a closed chamber was formed, ensuring osmotic equilibrium and enabling
controlled membrane-NP interactions under bulk conditions to evaluate SRB permeability
into the vesicles.
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in glucose solutions (with or without NPs) under osmotic equilibrium in a closed chamber
(Figure 4.4).

For permeability measurements, DOPC GUVs were labeled with 0.5 % NBD-PE and
incubated in glucose solutions containing 2.5 ptM SRB (with or without NPs) under osmotic
equilibrium in a closed chamber (Figure 4.5). In both cases, the final lipid concentration on

the glass slide was 7.5 pM, while the final NP concentration was 0.11 ptM. The corresponding

mol lipids 70

lipid-to-nanoparticle molar ratio was therefore R = ==

4.2.4 Confocal microscopy

GUVs were observed using a confocal laser scanning microscope (Leica Microsystems SP8, LIA
Compact Supply Unit, Wetzlar, Germany). For GUVs fluorescently labeled with 0.5 mol %
Rhod-PE, images were acquired using an HC PL. FLUOTAR L 20x dry objective (NA 0.40)
equipped with phase-contrast illumination, and an HC PL APO CS2 63x oil immersion
objective (NA 1.40) for higher-magnification imaging. Fluorescence excitation was provided
by a solid-state laser at A = 552nm, and emission was collected in the (562 — 630) nm
spectral window using a hybrid HyD detector. Simultaneously, transmitted-light images were
recorded using a photomultiplier tube (PMT) detector. For permeability experiments, GUV
images were acquired using an HC PL FLUOTAR L 20x dry objective (NA 0.40) equipped
with phase-contrast illumination. GUVs labeled with 0.5 mol % NBD-PE were excited using
a solid-state laser at A = 488 nm. The external solution containing SRB was excited at the
same wavelength. Fluorescence emission was collected in the (498 — 550) nm spectral window
using a PMT detector. To minimize spectral cross-talk between the NBD-PE and SRB
fluorescence channels, signals were acquired in sequential scanning mode. Simultaneously,
phase-contrast images were recorded using a PMT detector. Each measurement returned an
output consisting of 3 channels (NBD-PE, SRB, and transmitted light), in which the signal
was collected in the sequential mode. For each acquisition, z-stacks were collected with a
step size of approximately ~ 0.5 pm, and images were acquired at a resolution of 512 x 512
pixels. All the images were analyzed using LAS X Office software (v. 1.4.7.28982).

4.3 Results and discussion

Using Rhod-PE-labeled fluorescent vesicles, I was able to observe and evaluate GUV mor-
phology variations before and after NP incubation. Vesicles were analyzed individually from
the acquired images and classified according to their shape and membrane structure. Since
some membrane structures can arise intrinsically during the GUV preparation process [209,
210], a systematic morphological analysis is necessary. To ensure reproducibility, a total of
at least 400 vesicles were analyzed from three different vesicle batches, acquiring at least 15

images per batch, each corresponding to a distinct region of the chamber. In addition, vesicle
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Figure 4.6 — Representative confocal cross sections of DOPC GUVs showing the various
vesicle morphologies observed in the absence and presence of NPs. Images (a-c) show
vesicles exhibiting internal membrane structures, characterized by the presence of thick
tubes (a), thin tubes (b), and a combination of tubes and small vesicles (c), all confined
within the vesicle lumen. Image (d-f) show vesicles with external membrane structures,
including membrane tubes (d), buds (e), and a combination of tubes and buds (f). Images
(g-i) show vesicles presenting both internal and external (int/ext) structures, such as
thin ext/int tubes and bubs (g), int tubules and buds (h), buds (i). Images (l-n) report
vesicles with no visible membrane structures, exhibiting spherical (1), oblate (m), and
budding (n) shapes. The bar plot on the right shows the percentage distribution of
vesicles of each morphology in the absence of NPs (w/o NPs, number of total vesicles
analyzed = 239) and in the presence of NPs (w/ NPs, number of total vesicles analyzed
= 188). The colors in the bar plot correspond to the vesicles structures illustrated in the
representative images. Scale bars 10 pm.
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morphology was examined by acquiring fluorescence z-stacks, allowing reliable identification
of membrane structures throughout the three-dimensional volume. Single-vesicle analysis
revealed multiple populations of vesicles with distinct morphologies, which were grouped

into four categories for the purpose of this study [193]:

o internal membrane structures: vesicles exhibiting tubes of varying thickness, as

well as vesicles containing both tubes and small internal vesicles (Figure 4.6a-c)

« external membrane structures: vesicles displaying protrusions extending outward,

including tubular extensions and small buds (Figure 4.6d-f)

« combined internal and external structures: vesicles with both internal and

external tubes or buds (Figure 4.6g-1)

« no membrane structures: vesicles without distinct internal or external structures
but exhibiting different shapes, including spherical, oblate, or budding conformations
(Figure 4.61-n)

The bar plot in Figure 4.6 summarizes the distribution of these morphologies, comparing
control experiments without NPs to experiments with NPs.

To quantify the effect of NPs, a statistical analysis of the four categories was performed
(Figure 4.7a). The presence of NPs is associated with a significant decrease in the fraction
of vesicles displaying only internal structures, accompanied by a significant increase in those
presenting both internal and external structures. The fractions of vesicles with only external
structures or no visible structures remain similar under both conditions. These results are
consistent with computational work by Lavagna et al. [211], showing that aggregates of
semi-snorkeled NPs induce positive membrane curvature. Aggregate formation is supported
by the experimental conditions, as NPs are known to embed in DOPC membranes at the
sugar concentrations of this work [88], and the high NP-to-lipid ratio (1:70) further promotes
aggregation. Therefore, the decrease in vesicles with only internal structures and the increase
in vesicles exhibiting both internal and external structures are in accordance with an outward
membrane deformation, as predicted by computational studies. Moreover, factors such as
leaflet or buffer asymmetry conditions [193, 212], and interactions with external agents [213]
(e.g., proteins or NPs) are known to influence the spontaneous curvature of lipid membranes.
In the case of NP aggregates, the generation of excess membrane area may lead to lipid
redistribution and the formation of more complex membrane morphologies.

In addition to the structural characterization of the GUVs, the diameter of each vesicle
was measured whenever possible, i.e., for spherical vesicles with and without membrane
structures. Figure 4.7b shows the size distribution. In both the absence and presence of
NPs, vesicle diameters display comparable values, with similar medians and interquartile
ranges. No substantial differences in size dispersion are observed between the two conditions,

indicating that NP incorporation does not significantly affect GUV size.
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Figure 4.7 — (a) Percentage distribution of vesicles according to their morphology (internal
structures, external structures, both internal and external structures, and no structures)
in the absence and in the presence of NPs. Error bars represent standard errors calculated
from discrete vesicle counts. The statistical analysis was performed using t-test (p <
0.01**, ns = non-significant). (b) Distribution of GUV diameters analyzed in the absence
(w/o NPs) and in the presence (w/ NPs) of NPs. Vesicles with diameters smaller than
15 pm were excluded from the analysis due to difficulties in resolving internal structures.
Box plots: the central line indicates the median; the box spans from the first quartile
(Q1, 25th percentile) to the third quartile (Q3, 75th percentile); whiskers represent the
lowest and highest values within 1.5 times the interquartile range; data points beyond
the whiskers are shown as outliers. 230 vesicles without NPs and 176 vesicles with NPs
were used to calculate the diameter.

Further insights into NP-membrane interactions were obtained through phase-contrast
microscopy and fluorescence leakage investigations. Membrane permeability was assessed by
detecting NP-induced pore formation in the GUVs via leakage of the fluorescent dye SRB
present in the external solution. In addition to the fluorescence from the external medium,
vesicle membranes were labeled with a fluorescent lipid to enable their identification in the
case of membrane permeabilization. As shown in Figure 4.8, when the membrane remains
intact, the vesicle lumen appears dark, allowing the vesicle to be easily recognized. If the
membrane becomes permeabilized and SRB enters the lumen, vesicles can no longer be
identified based solely on the images in Figure 4.8b,e. In these samples, in all acquisitions
on two independent GUVs samples, no membrane permeation was observed, either in the

presence or absence of NPs, even after one hour of incubation.

In parallel, phase-contrast imaging was performed on all vesicles. In all cases, consistent

with the fluorescence assay, the phase-contrast signal was preserved, indicating intact
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Figure 4.8 — Representative images of GUV permeability experiments. Vesicles labeled
with NPD-PE (a, d) are dispersed in an external medium containing SRB and their
lumens appear dark when no permeation occurs (b, €). The phase-contrast image (c, f)
confirms that there is no sucrose and glucose mixing, indicating that no pores are formed
in the membrane. No membrane permeation was observed, either in the presence or
absence of NPs. Scale bars 50 pm.

membranes. This observation confirms the absence of mixing between the internal sucrose
solution and the external glucose solution. These results demonstrate that the observed
morphological changes upon NP incubation are not associated with membrane rupture or
loss of vesicle integrity. This also supported by the invariance of the mean GUV size in
both the presence and absence of NPs. Moreover, these findings are consistent with previous
observations obtained from calcein leakage assays using LUVs [14] and GMVs [81], where

amphiphilic AuNPs were shown to insert into lipid membranes without inducing leakage.

4.4 Conclusions

In this work, I investigated the effect of NP uptake on the size distribution, morphology
and permeability of GUVs as minimal lipid model for the cellular membrane system. By
combining systematic morphological analysis with size characterization, I showed that the
presence of NPs does not significantly affect the vesicle diameter distribution. Instead,
NPs addition leads to a redistribution of vesicle morphologies, promoting the increase of

the configurations characterized by the coexistence of internal and external structures, and
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decrease of those showing only internal defects.

Membrane integrity was further assessed through permeability experiments. Analysis of
vesicles revealed no SRB permeation in the vesicles or mixing of sucrose and glucose, neither
immediately after NPs exposure nor over time, demonstrating that NP-membrane interactions
do not induce membrane permeabilization under the conditions investigated. Together, these
results indicate that NPs can induce morphological remodeling of lipid membranes without
compromising their barrier function providing insight into NP-membrane interactions with

potential implications for NPs design and biomimetic membrane studies.
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NP effect on membrane permeability under osmotic stress

This chapter presents SAXS measurements carried out to investigate the role of AuNPs in
affecting membrane permeability. The experiments were performed at the Italian Institute of
Technology (IIT) in collaboration with Dr. Silvia Dante (Materials Characterization Facility,
IIT, Morego, Genoa).

5.1 Introduction

Membrane permeability is a key property of biological systems, as it governs the selective
transport of water, ions, and small solutes across the lipid bilayer [214]. This process
plays a central role in a wide range of biological phenomena, including volume regulation,
signal transduction, and the maintenance of electrochemical gradients [215]. In particular,
membrane permeability is crucial in the cellular response to osmotic stress. For example, in
red blood cells and epithelial tissues, the ability of the membrane to dynamically respond
to osmotic gradients is essential to prevent cell damage and preserve functional integrity.
Similarly, in bacteria, low external osmotic pressure leads to the development of turgor
pressure, which compensate for excessive water influx into the cell [216]. More generally,
both eukaryotic and prokaryotic cells can grow under high osmotic pressures, typically in
the range of 7 to 10atm [217]. Therefore, even small variations in membrane permeability
can have significant consequences for cellular behavior and physiological functions.
Biomimetic vesicles, such as unilamellar lipid vesicles, have been extensively used to
study membrane permeability [218-223], as they mimic key aspects of cellular osmotic
behavior [224-226]. In particular, they actually behave as osmometers, with vesicle swelling
or shrinking due to water flux between the vesicle interior and exterior in response to a

solute gradient.
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The relation between solute concentration gradients and osmotic pressure is described
by the van 't Hoff equation. The difference in osmotic pressure, Am, is typically expressed
in terms of the difference in solute concentration, Ac, as Anm = kgT' Ac, where kg is the
Boltzmann constant and T is the absolute temperature.

In general, factors influencing membrane permeability include lipid bilayer properties
such as tail saturation, headgroup interactions, and the presence of membrane proteins,
which actively regulate water and ion fluxes [227]. Under osmotic stress, membrane tension
can induce transient nanoscale defects, enhancing water transport [228]. Variations in water
transport across membranes can also result from external agents that disrupt permeability
mechanisms.

Several studies have explored such effects, particularly in the context of nanomedicine and
nano-bio interactions. In particular, molecular dynamics simulations showed that AuNPs can
alter membrane water permeability by increasing local disorder and lipid fluctuations [229,
230], or by modifying membrane elasticity and promoting transient defect formation [75].

In this study, I used SAXS to investigate how amphiphilic AuNPs influence the perme-
ability of small unilamellar vesicles under osmotic stress induced by sugar concentration

gradients.

5.2 Materials and methods

5.2.1 Vesicle preparation

MLVs of DOPC were prepared at a lipid concentration of 10 mgmL ™' by hydrating a dry
lipid film with a 50 mM sucrose solution, the same as that used for the GUVs described
in Chapter 4. This lipid concentration was chosen to ensure a sufficiently high final lipid
content for SAXS measurements. The suspension was subsequently sonicated for 15 min at
room temperature. SUVs were produced by sequential extrusion through membranes with
decreasing pore sizes (0.1 pm, 0.05 pm, and 0.03 pm), performing 31 extrusions through each
membrane. See Appendix A for further details on extrusion method. The vesicle batches
were stored at 4 °C until use.

The hydrodynamic diameter of the DOPC SUVs was measured in the aqueous sucrose
solution before experiments using DLS. An average diameter of (62.8+£0.2) nm (Z-average) was

obtained (mean value and standard deviation were calculated from N = 12 measurements).

5.2.2 SAXS experiments

SAXS experiments were performed using a Malvern PANalytical Empyrean third-generation
multipurpose platform operating in transmission geometry. Cu Ko radiation (A = 1.54 A)
was used (40kV, 45mA). 1D-SAXS measurements were carried out in a vacuum-path

chamber (Scatter X™) using a beam with line collimation and a GaliPIX3P detector. Scans
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were performed in the scattering vector range ¢ = (0.1 — 3.5)nm™~! with a step size of
0.35°, and an exposure time of 30 min. The chosen g-range was selected to ensure reliable
measurements with the instrument used in this work, as the signal-to-noise ratio decreases at
higher ¢ values due to increasing background contributions. Quartz capillaries (Hilgenberg,
Germany) with a diameter of 1 mm and a volume of approximately 100 pL. were used as

sample holders.

Sample preparation. Vesicles containing 50 mM sucrose were diluted in external solutions
at different sucrose concentrations in order to obtain controlled osmotic conditions. 100 pL

of vesicle suspension (lipid concentration 10 mgmL™") were diluted with:

e 100 L of ultrapure Milli-Q water, resulting in an external sucrose concentration of

25 mM (hypotonic osmotic gradient);

e 100 puL of a 50mM sucrose solution, resulting in equal internal and external sucrose

concentrations (isotonic osmotic gradient);

e 100 pL of a 100 mM sucrose solution, resulting in an external sucrose concentration of

75 mM (hypertonic osmotic gradient).

In all cases, the final lipid concentration was 5mgmL™", and the osmotic difference for both
hypotonic and hypertonic solutions was Ac = 25 mM.

For the experiments with NPs, the same NP type used in Chapter 4 was employed,
namely 2:1 MUS:OT amphiphilic AuNPs with a negative charge. The vesicle-NP solutions
were prepared by adding 22 pL of NPs from a stock solution of 5.6 mgmL ™" to achieve a
lipid/NP molar ratio of R = 1590, corresponding to approximately 16 NPs per vesicle. The
NPs were then incubated with the vesicles overnight prior to the experiments.

Background measurements of aqueous solutions at different sucrose concentration were
performed using the same capillary employed for the vesicles or vesicles incubated with NPs
dispersions in order to ensure consistent subtraction of solvent scattering. SUVs were chosen

to meet the instrument requirements for resolution at low scattering angles.

Data analysis. Data analysis was carried out using the FasySAXS software package
(Malvern PANalytical). The software performs the primary data processing steps, including
absorption correction, background subtraction, and conversion of the scattering angle 26
into the scattering vector ¢. After background subtraction, the experimental curves were
fitted using a spherical shape with radius r and a concentric core-shell structure consisting
of three shells: the inner and outer lipid headgroup regions and the hydrophobic bilayer
core (Figure 5.3a). A fitting step-function model was used, in which the electron density is

described as a constant profile across the different radial regions. The scattering intensity is
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obtained as the squared modulus of the scattering amplitude, which is given by the sum of

the contributions from the individual layers:

2

I(q) = Z: Ap; V(R;) F(q, R;) (5.1)

where Ap; represents the electron density contrast of each shell, V(R;) is the volume of a
sphere of radius R;, and F'(q, R;) is the spherical form factor. Each shell is described by
three parameters: thickness ¢, electron density contrast p, and polydispersity. The core
contrast was set to zero, as the core material (e.g., the vesicle lumen) is the same as the

medium surrounding the vesiscles. The contrast of each shell is defined relative to the core.

As a control, SAXS measurements of the NP solution were performed to determine
the NP volume distribution. The NP radius was determined using an indirect transform
technique implemented in the software. In this method, the experimental SAXS intensity
is related to the particle volume distribution function, through a regularization procedure,
allowing reconstruction of the NP size distribution from the measured scattering data. The
resulting NP radius was (1.6 = 0.4) nm, consistent with values obtained by TEM (Table 4.1).

5.3 Results and discussion

In these osmotic stress experiments, a sucrose concentration gradient of Ac = 25mM
(corresponding to approximately Ar = 0.6atm) was imposed between the interior and
exterior of the vesicles. Gradients of this magnitude are commonly employed in studies
of model membranes to investigate vesicle osmotic responses. Previous works on both
LUVs [231, 232] and GUVs [224-226, 233] have shown that even relatively modest osmotic
gradients can induce measurable changes in vesicle volume and shape through water flux
across the lipid bilayer. In this framework, only water transport across the membrane is
considered. Although osmotic gradients generate a driving force for both water and sucrose
diffusion across the membrane, depending on the relative concentrations, the permeability
of the lipid bilayer to water is approximately six orders of magnitude higher than that
to sugars [234-236]. As a result, water flux represents the kinetically dominant process
governing the vesicle response.

As a control, DLS measurements were performed prior to the SAXS experiments to
ensure that the applied osmotic stress did not cause vesicle disruption. While DLS cannot
resolve small changes in vesicle size, it can be used to assess the presence of intact vesicles.
Measurements were carried out for vesicles both in the absence and presence of NPs under
the same osmotic conditions used for the SAXS experiments. The number distributions
indicate that the vesicles remain intact under both hypotonic and hypertonic conditions. In

samples containing NPs, the contribution of NPs to the DLS signal is negligible, as scattering
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is dominated by the vesicles due to their larger size (Figure 5.1).

Figure 5.1 — Representative DLS number size distributions of a sample without NPs and of a
sample with NPs, measured under the same conditions as in SAXS experiments. Vesicles
remain intact under both hypotonic and hypertonic conditions, indicating that the applied
osmotic stress does not induce disruption. The NP contribution is not clearly visible, as
the scattering signal is dominated by the vesicles. Internal sucrose concentration 50 mM.

In Figure 5.2, the SAXS intensities and the corresponding fitted curves (shown as
continuous lines) from the three experiments under different osmotic conditions are reported.

The parameters obtained from the best fits are summarized in Table 5.1.

Table 5.1 — Structural parameters obtained from the fitting procedure for the three layers
of the spherical core-shell model (t is the layer thickness and p the electron density). S1,
S2, and S3 represent shell 1, shell 2, and shell 3, respectively.

25 mM sucrose 50 mM sucrose 75 mM sucrose

p(aw.) ¢ (nm) p(a.w.) ¢t (nm) p (a.u.) ¢ (nm)
Ves S1 0.90 0.90 1.10 0.72 0.90 0.90

S2 —0.50 240  —0.50 2.40 —0.50 2.40
S3 0.30 1.27 0.30 1.27 0.40 1.20

Ves+NPs Sl1 1.30 1.62 1.30 1.55 1.30 1.62
S2 —0.50 231  —-0.50 2.20 —0.50 2.47
S3 0.90 0.26 1.40 0.90 1.00 0.26

From these fits, the vesicle radius and bilayer thickness were determined as a function
of the osmotic gradient (Figure 5.3). Under iso-osmotic conditions, the vesicle radius is
approximately =~ 30nm, in good agreement with values obtained from DLS measurements.
Under hypotonic conditions, the vesicle radius increases (= 35nm), corresponding to vesicle

swelling due to water influx. Conversely, under hypertonic conditions, the radius decreases
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(=~ 25nm), corresponding to vesicle shrinking due to water efflux. In both cases, the vesicle

radius changes by about ~ 5nm.

Figure 5.2 — SAXS experimental curves and corresponding fitted curves obtained from
DOPC SUVs containing 50 mM sucrose under hypotonic conditions (25 mM external
sucrose) (a), isotonic conditions (50 mM external sucrose) (b), hypertonic conditions
(75 mM external sucrose) (c), in the presence or absence of NPs. The continuous lines
represent the fitted curves. Internal sucrose concentration 50 mM.

This behavior of the vesicles is consistent with observations reported for SUVs and LUVs
in previous studies [231, 232, 237].

For the NP-vesicle system, the scattering curves were analyzed under the assumption
that, at the ratio used in this work (vesicles:NPs 1:16), all NPs are incorporated into the
membrane [87, 91, 143]. This ratio was chosen to ensure that a sufficient number of NPs are
embedded in the membrane to observe their effect, which may also be influenced by possible

NP aggregation.
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Figure 5.3 — (a) Spherical model employed in the SAXS fitting. A sphere of radius r
surrounded by a three-layer shell, representing the distinct regions of the lipid bilayer,
was used. (b) Vesicle radius obtained from the fitting procedure at different external
sucrose concentrations, in the presence or absence of NPs. (c) Bilayer thickness resulting
from the fitting procedure under the same conditions. The total thickness was calculated
as the sum of the thicknesses of the three shells. Internal sucrose concentration 50 mM.
Error bars were calculated using the percentage polydispersity obtained from the fitting
procedure.

Under these conditions, the fitted curves yielded a vesicle radius of approximately ~ 40 nm
in the isotonic solution. Under hypertonic conditions, the radius slightly decreases to ~ 34 nm,
and a similar value is observed under hypotonic conditions. Therefore, the NP-vesicle system
does not follow the same trend observed for bare vesicles. This behavior could be attributed
to an overall stabilization of the membrane, which modifies its tension. Under hypotonic
stress, the presence of NPs could reduce membrane tension, thereby limiting the increase in
distance between neighboring lipids and suppressing the effects of vesicle swelling. Under
hypertonic conditions, the NPs could modulate membrane compression, preventing the

vesicles from reaching their maximum shrinkage [238-240].

In both cases, the bilayer thickness is in the range of (4—5) nm, consistent with typical lipid
bilayer thickness values. In the presence of NPs,; a slight thinning of the bilayer is observed
under out-of-equilibrium conditions, likely due to osmotic stress-induced rearrangements
within the bilayer. However, due to the low signal-to-noise ratio in the high-g region, it is

not possible to draw conclusions about possible internal membrane reorganization.
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5.4 Conclusions

In this work, amphiphilic AuNPs were used to investigate how vesicle responses to osmotic
stress are affected by the NPs. SAXS experiments allowed the quantification of changes in
vesicle size under different osmotic conditions. The results show that the NP-vesicle system
behaves differently from bare vesicles. For bare vesicles, the observed trends are consistent
with previously reported results [231, 232, 237], with vesicle swelling under hypotonic
conditions and shrinkage under hypertonic conditions. In contrast, the presence of NPs
appears to limit these osmotic responses, reducing both swelling and shrinking. This behavior
can be attributed to the influence of NPs on membrane properties, resulting in modulation
of membrane tension and limiting the expansion or compression of the bilayer. Overall, these
findings demonstrate that embedding NPs into lipid membranes can significantly alter vesicle
structural responses to osmotic stress. Further experiments, such as the use of fluorescence-

based techniques, could provide additional insights into the underlying mechanisms [226,
241, 242).



CHAPTER 6

Asymmetric lipid membranes: towards more biomimetic models

This chapter presents a protocol that was developed for the preparation of asymmetric lipid
vesicles using cyclodextrin-mediated lipid exchange. The method exploits lipid exchange
between the outer leaflets of preformed vesicles to obtain membrane asymmetry. In this work,
this approach is used to produce vesicles enriched in negatively charged lipids in the inner
leaflet. In addition, a preliminary assessment of the lipid exchange efficiency was performed

by zeta potential measurements on the obtained asymmetric vesicles.

6.1 Introduction

Membrane asymmetry is an intrinsic characteristic of cell membranes and consists of the non-
uniform distribution of lipid species between the two leaflets of the bilayer (Figure 6.1a). This
feature is crucial for maintaining both membrane structure and the functional organization
of the cell [243, 244]. In particular, asymmetry regulates membrane curvature and stability,
bilayer fluidity and thickness, and contributes to the formation of lipid microdomains (or
rafts) [245-247]. In addition, the chemical composition and the charge of each leaflet finely
regulate and tune membrane mechanics, electrostatics, and protein-lipid interactions [248—
252].

Biological processes in which membrane asymmetry plays a key role include vesicle traf-
ficking and signaling [254], regulation of membrane protein activity [255] and apoptosis [256,
257]. Disruption of lipid asymmetry can have significant pathological consequences. For
example, phosphatidylserine (PS), which is normally more abundant in the inner leaflet of
the plasma membranes of eukaryotic cells, becomes more exposed on the outer leaflet when
asymmetry is lost, and this redistribution has been associated with various pathological

conditions. PS externalization occurs irreversibly during apoptosis, and transiently during
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Figure 6.1 — (a) Schematic representation of an asymmetric lipid vesicle, showing some
of the main phospholipids present in the plasma membrane of human red blood
cells (sphingomyelin, SM; phosphatidylcholine, PC; phosphatidylserine, PS; phos-
phatidylethanolamine, PE), which are non-uniformly distributed between the outer
and inner membrane leaflets. The bar plot indicates the relative enrichment of each
lipid species in the two leaflets. Adapted from [253]. (b)The chemical structure of
mpBCD results in a hydrophilic outer surface and a hydrophobic cavity which can host
phospholipids by interacting with their hydrocarbon tails. Adapted from [34].

physiological processes such as immune cell activation [256, 257]. Moreover, dysregulation of
PS exposure contributes also to thrombotic disorders [258], cancer [259], and viral immune
evasion [260)].

In this context, membrane lipid asymmetry has emerged as a critical parameter of
increasing interest, as it regulates interactions with peptides [261], proteins [248, 262,
263], and exogenous agents, such as NPs [264], modulating their binding affinity, insertion,
and translocation. In particular, these processes are strongly influenced by electrostatic
interactions arising from differences in lipid composition and charge between the inner and
outer leaflets [265, 266]. Therefore, the preparation of asymmetric membranes is essential for
developing biomimetic systems that better reproduce the asymmetry of biological membranes,

enhancing the efficacy and reliability of in vitro studies.

Several experimental methods have been developed to generate asymmetry in model
systems. Approaches that involve the preparation of planar membranes using sequential
deposition techniques, such as Langmuir-Blodgett /Langmuir-Schaefer methods, offer high
stability and well-defined asymmetry, but they are limited to supported membranes rather
than freely suspended vesicles [267]. Microfluidic and double-emulsion methods allow
independent control of the lipid composition of each leaflet during vesicle formation, providing

compositional precision, but often they require complex experimental setups [251, 268-271].
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Post-vesicle formation approaches based on selective lipid exchange enable leaflet-specific
modification of preformed vesicles, offering experimental flexibility, although with limited
long-term stability due to lipid flip-flop. These methods include applying a pH gradient
to vesicles containing negatively charged lipids [272, 273], adding external enzymes that
selectively modify the head groups of lipids in the outer leaflet [274, 275], introducing
lipid carrier molecules that facilitate the exchange of outer leaflet lipids between different
vesicles [276-278].

Among post-vesicle formation modification approaches, the use of lipid exchange catalyzed
by methyl-3-cyclodextrin (mSCD) as lipid carrier has been demonstrated to be a versatile
strategy for the preparation of asymmetric vesicles [34, 279-281]. mBCD is a water-soluble,
ring-shaped oligosaccharide with a hydrophilic outer surface and a hydrophobic central cavity
whose size is suitable to host lipid tails (Figure 6.1b).

By forming reversible complexes with lipids, mBCD replaces unfavorable interactions
with water with favorable interactions with lipid apolar tails. At high concentrations, msCD
can fully dissolve lipid vesicles, while at lower concentrations an equilibrium between intact
vesicles, mBCD-lipid complexes, and free m5CD [282, 283] is established. This mixture is
the starting point for the preparation of asymmetric vesicles (al.LUVs). This method exploits
the ability of mBCD to selectively extract and transfer lipids between membranes, enabling
controlled modification of the lipid composition of the outer leaflet of preformed vesicles.
As a result, membrane asymmetry can be obtained without disrupting vesicle integrity or
altering size.

In this work, the m3CD approach is employed to prepare asymmetric DOPC/DPPC/DPPS
vesicles enriched in DPPS in the inner leaflet. This system will enable the future study
of amphiphilic AuNP-membrane interactions under conditions that mimic natural lipid
asymmetry. Since such studies have not yet been performed using amphiphilic AuNPs, these
vesicles will offer a valuable platform for a systematic investigation of their interactions
with asymmetric membranes, allowing investigation of leaflet-specific binding, insertion, and

effects on membrane organization.

6.2 Materials and methods

6.2.1 Symmetric vesicle preparation and characterization

Vesicle preparation. MLVs of DOPC were prepared at a lipid concentration of 4 mg mL ™!
by hydrating a dry lipid film, followed by sonication for 15 min at room temperature (see
Appendix A for more details).

MLVs of DPPC containing (0 — 30) mol % DPPS were also prepared. Since the main
phase transition temperature of DPPC is approximately (41 — 42) °C, whereas that of DPPS
is higher, around (54 — 55) °C, lipid films were hydrated and sonicated while maintaining
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the water temperature at approximately 60°C to ensure that all lipid components were
in the fluid phase. Samples were sonicated for 1h, vortexing every 15 min. Subsequently,
unilamellar vesicles were prepared by extrusion through a 0.1 pm polycarbonate membrane
for 31 times, obtaining LUVs with an average diameter of approximately 100 nm. During
extrusion, the temperature of the mini-extruder was maintained at 60 °C. The final lipid
concentration was 2mgmL ™",

Both DOPC MLVs and DPPC/DPPS LUVs were prepared in a buffer containing 10 mM
Trizma® base and 150 mM NaCl (pH 7.4). Vesicle batches were stored at 4 °C.

Vesicle characterization. The hydrodynamic diameters of both MLVs of DOPC and
LUVs of DPPC/DPPS were measured in the buffer solution. MLV donor and LUV acceptor
vesicles were prepared in advance and stored at 4 °C. Before starting the aLUV preparation
protocol the size and ¢ potential were checked to ensure reproducibility and sample quality.
In Figure 6.2a,b the DLS size distributions of the vesicles are shown. MLV donor vesicles
exhibited diameters larger than 1000 nm, while LUV acceptor vesicles a an average diameter
of approximately 100nm. For DPPC/DPPS LUVs, the ¢ potential was also measured at
different DPPS molar percentages. Prior to the measurements, vesicle suspensions were
diluted 50-fold to reduce the salt concentration. For each dilution, measurements were
performed on two independent samples, with two measurements acquired for each sample.

Figure 6.2c shows the ¢ potential as a function of total DPPS content (mol %).

Figure 6.2 — Representative DLS intensity size distribution of (a) DOPC MLVs and (b)
DPPC/DPPS symmetric LUVs. (c) ¢ potential as a function of the total DPPS percentage
in symmetric DPPC/DPPS LUVs.
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6.3 Results and discussion

6.3.1 Asymmetric vesicle preparation protocol

The cyclodextrin-mediated lipid exchange protocol developed in this thesis is based on a
mSCD-mediated donor-acceptor strategy modified from Markones et al [281]. Figure 6.3
schematically illustrates the main steps of the protocol. The procedure starts with a solution
of DOPC MLVs, referred to as donor vesicles, which are mixed with mgCD to disrupt the
majority of MLVs and form mgCD-lipid complexes. This mixture is then combined with
symmetric LUV acceptor vesicles composed of DPPC/DPPS; allowing m/3CD-catalyzed lipid
exchange to occur and resulting in the formation of alLUVs. Subsequent purification steps
are performed to remove residual MLVs, free m3CD, and mBCD-lipid complexes. Therefore,
the overall process aims to generate DOPC/DPPC/DPPS alLUVs by exchanging DOPC
from the donor vesicles with DPPC or DPPS in the outer leaflet of the symmetric LUV

acceptors.

Figure 6.3 — Donor-acceptor strategy for aLUV preparation. Schematic representation
of the protocol used to prepare aLUVs via cyclodextrin-mediated lipid exchange. In
the first step, MLVs (donor vesicles) were incubated under stirring with m3CD, which
extracts donor lipids (i.e, DOPC) forming lipid-cyclodextrin complexes and reducing the
number of donor vesicles. In the second step, mBCD-treated MLV samples are directly
mixed with preformed LUVs (acceptor vesicles made of DPPC/DPPS), enabling lipid
exchanges to the outer leaflet of the acceptor membrane. Finally, aLUVs are isolated
from excess cyclodextrin, m{CD-lipid complexes, and donor MLV carryover by successive
purification steps, including filtration by Amicon Ultra filter tubes (100 kDa). Created in
Biorender.

DOPC exchange with DPPC does not alter the overall surface charge, whereas exchanging
DOPC with DPPS leads to a reduction of charge at the outer membrane surface, resulting
in a higher concentration of negatively charged lipids in the inner leaflet. In addition,
unsaturated lipids for donor vesicles and saturated lipids for acceptor vesicles were selected to
achieve different interactions with mgsCD. In fact, previous work by Huang and London [284]

has shown that saturated lipids, such as those present in the acceptor vesicles, require
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higher mCD concentrations for solubilization compared to unsaturated lipids like DOPC.
In particular, the resistance of DPPC to solubilization is likely due to its tightly packed
gel-phase state at room temperature, which confers higher membrane stability compared
to lipids with unsaturated acyl chains. This different behavior, depending on the nature
of the acyl chains, allows cyclodextrin to efficiently solubilize the donor vesicles and form
mpACD-lipid complexes, while at the same time preserving the structural integrity of the
acceptor LUVs during the exchange step.

This protocol was optimized using 85:15 DPPC:DPPS acceptor vesicles with a zeta
potential of approximately —50mV (Figure 6.2c). A series of experiments was conducted to
fine-tune the steps and timing of the protocol.

In the first step, the mBCD-to-lipid molar ratio R was optimized to obtain the highest
lipid concentration solubilized by m3CD. The concentration of mgCD was set at 40 mM,
which, according to [284], is sufficient to disrupt most DOPC MLVs while remaining low
enough to maintain the integrity of DPPC/DPPS LUVs during the subsequent lipid exchange
step. Subsequently, different molar ratios R were tested. Keeping the mBCD concentration
constant, the lipid concentration was progressively decreased, corresponding to increasing
values of R. In Figure 6.4, the results for R = 60, R = 90, and R = 100 are shown.
For R = 60 and R = 90 (corresponding to lipid concentrations of 667 pM and 444 pM,
respectively), no disruption of MLVs was observed. At R = 100 (lipid concentration of
400 nM), partial solubilization occurred. The number size distribution reveals the presence
of mpBCD-lipid complexes in some samples (Figure 6.4c, top row), while in others are absent
(Figure 6.4c, bottom row).

In Figure 6.5a, the condition R = 110 is shown. Residual MLVs and small complexes can
be detected in the intensity size distribution. However, the number distribution indicates
that the majority of the sample consists of smaller structures. Therefore, the molar ratio
R = 110, obtained from a cyclodextrin concentration of 40 mM and a lipid concentration
of 363 pM, was fixed. For all conditions tested, DOPC MLVs were disrupted and lipids
extracted by cyclodextrin at 55°C for 45 min under continuous stirring with a magnetic bar.

In the second step, the mfCD-lipid complexes were incubated with symmetric 85:15
DPPC:DPPS LUVs at 60 °C for 30 min under continuous stirring with a magnetic bar. Donor
and acceptor vesicles were mixed at a 1:1 molar ratio. Although higher donor-to-acceptor
ratios are typically used to enhance lipid exchange efficiency [34], in this case, given the
fixed donor concentration of 363 pM, higher ratios would require a proportional reduction
of the acceptor concentration. This would lead to a lower overall concentration of purified
aLLUVs, limiting the amount available for subsequent experiments. Therefore, an equimolar
donor-to-acceptor ratio was chosen to balance effective lipid exchange with a sufficient final
yield of alLUVs.
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Figure 6.4 — Representative DLS intensity and number size distributions of MLV donor
vesicles incubated with 40 mM mgBCD at different lipid concentrations.

Post-exchange aLUVs were purified through successive centrifugation and filtration steps
in order to separate the vesicles from residual MLVs, free mgCD-lipid and mSCD-lipid
complexes. To isolate post-exchange aLLUVs, (400 — 500) pL. of sample were transferred into
a buffer-washed Amicon Ultra 2mL filter (MWCO 100 kDa), centrifugated for (3 —5) min at
(3500 — 4000) rpm, and diluted again. Dilution and centrifugation were repeated for tipically
six or seven cycles. Finally, after the purification steps, the final sample was analyzed by
DLS and was found to predominantly consist of alLUVs. This is confirmed by the number
size distribution of the purified alLUVs, as shown in Figure 6.5b.
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Figure 6.5 — Representative DLS intensity and number size distributions of vesicles. (a)
After the mixing of donor vesicles with mCD, two peaks are observed in the intensity
distribution, corresponding to the formation of mbCD-lipid complexes and residual MLVs.
The number distribution shows that the majority of the sample is composed of the
complexes. (b) Size distribution of aLUVs after purification show that vesicles have a
diameter comparable to the initial acceptor vesicles. A secondary peak at larger sizes
appears in the intensity distribution but disappears in the number distribution, indicating
that the sample mainly consists of aLUVs.

6.3.2 Evaluation of the lipid exchange

The efficiency of lipid exchange in final aLLUV samples was assessed as described by Markones
et al [281]. This was achieved by constructing a calibration curve based on (-potential
measurements of symmetric vesicles prepared with increasing PS concentrations. Since the
lipid exchange process alters the surface charge of the outer leaflet, changes in (-potential
provide a reliable estimate of the extent of lipid exchange, reflecting the amount of DPPS
exposed on the external leaflet. Figure 6.6 shows the (-potential calibration curve which was

fitted using a sixth-degree polynomial function, given by
((r) = —6.5mV—83mV 2+0.7mV 22 —0.03mV 2 +6.5-10* mV 2* —5.7-10 ° mV 2° (6.1)

where ( is the (-potential expressed in mV, x is the total DPPS molar fraction, and the
coefficients were obtained from the fit.

In Figure 6.6, the (-potential of the 85:15 DPPC:DPPS LUV acceptor vesicles is shown
(blue circle), along with the zeta potential of the aLUV sample (blue star) obtained after
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lipid exchange, approximately —21mV. Using Equation 6.1, the corresponding percentage
of PS was determined to be around 2 %. This result indicates a significant modification of
the surface charge compared to the symmetric reference vesicles and supports the use of
(-potential measurements as a preliminary method to evaluate lipid exchange efficiency and
the redistribution of DPPS in the outer leaflet. Therefore, the system functions as expected,
with the charge decreasing consistently with the exchange, but nothing can be inferred about

its stability over time.

Figure 6.6 — Fitted calibration curve of the zeta potential measured for symmetric LUV
acceptor vesicles. The x-axis represents the total DPPS molar percentage in the vesicles.
The green line corresponds to the empirical fit using Equation 6.1. The blue circle indicate
the zeta potential of the symmetric acceptor LUVs used in the lipid exchange, while the
star represents the zeta potential of the resulting aLUVs after lipid exchange between
donor and acceptor vesicles.

6.4 Conclusions and future perspectives

In this work, I focused on optimizing a protocol for the formation of model membranes
characterized by an asymmetric lipid composition. A protocol based on mgCD-mediated
lipid exchange was used to obtain asymmetric vesicles with a higher percentage of negatively
charged lipid in the inner leaflet. The lipid exchange occurs between donor MLVs composed of
DOPC and acceptor symmetric LUVs composed of DPPC/DPPS. Vesicles were characterized
using DLS and zeta potential measurements. DLS was used to investigate the size of the
symmetric vesicles and the post-exchange asymmetric vesicles. Zeta potential measurements
provided information on vesicle surface charge, related to the amount of DPPS in the outer
membrane leaflet. Symmetric acceptor vesicles were prepared at different DPPC/DPPS
molar ratios, and zeta potential measurements were used to construct a calibration curve to

assess the zeta potential of asymmetric vesicles.
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Lipid exchange was performed on symmetric vesicles with a DPPC:DPPS molar ratio of
85:15. This process resulted in final asymmetric vesicles showing a significant decrease in
zeta potential, providing preliminary evidence of efficient lipid exchange.

For future studies, further optimization of the protocol could focus on improving the
purification of aLUVs to more efficiently remove residual mgCD and donor vesicles. In
addition, advanced characterization techniques, such as NMR spectroscopy, could be employed
to quantify the final lipid concentration [285] and composition [286, 287], providing a more
precise assessment of membrane asymmetry. Studies could also assess the temporal stability
of asymmetry, including investigation of lipid flip-flop between leaflets [286]. These optimized
asymmetric vesicles could then be used as a versatile platform for studying interactions
with anionic or cationic NPs, offering insights into membrane perturbation and NP uptake.
Moreover, these membrane models could play a crucial role in investigating the effects of

asymmetry on biological relevant processes, such as membrane fusion [288].



Conclusions

This thesis explores the interactions of sub-6 nm amphiphilic AuNPs with model lipid
membranes, exploiting a combination of complementary biophysical techniques. The results
provide original insights into the effects of AuNPs on lipid vesicles of varying size and

composition, as reported below.

NP-mediated membrane fusion (Chapter 3). In this study, I investigated the interplay
between membrane curvature and vesicle size in regulating the mechanism of NP-induced
biomimetic membrane fusion. To this purpose, I employed MUS:OT AuNPs and DOPC
vesicles containing a biologically relevant fraction of cholesterol [91]. T used AuNPs with
core diameters, respectively, smaller than the lipid bilayer thickness and comparable to the
bilayer thickness, and vesicles of different curvatures, in particular LUVs and SUVs. QCM-D
experiments enabled the investigation of AuNP uptake into vesicle bilayers as well as vesicle-
vesicle interactions occurring during NP-mediated fusion. Fluorescence spectroscopy provided
complementary information on hemifusion and full fusion, including pore formation, between
vesicles. The results show that both small and large AuNPs can penetrate the membrane
without causing damage. However, only the small AuNPs promote vesicle fusion regardless of
membrane curvature, whereas large AuNPs exhibit no fusogenic activity with low-curvature
membranes but can induce fusion in membranes with high curvature. These findings were
further supported by MD simulations, which provided molecular-level insights into the stalk
formation mechanism, and showed that the stalk formed in the presence of smaller AuNPs is
energetically more stable than that formed with larger AuNPs. This is due, on one hand, to
the size of the AuNP core, which provides greater ligand conformational flexibility in smaller
AuNPs [183], and on the other hand, to membrane curvature, which favors hydrophobic
connections between leaflets promoting the formation of fusion intermediates.

The results obtained in this work indicate that understanding the factors governing

NP-mediated synthetic vesicle fusion is essential for the design of efficient fusion machineries.
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As relatively subtle differences in NP size and membrane curvature can result into very
different outputs of the fusion process, a precise tuning of these physical determinants is

required for the future development of powerful synthetic fusion tools.

Structural changes in GUVs doped with NPs (Chapter 4). This project focuses on
the effect of NPs on the morphology of GUVs, which mimic essential properties of cellular
membranes and provide a valuable platform for studying membrane-NP interactions. While
NP uptake into giant vesicles is widely reported in the literature [81, 88, 90], a systematic
investigation of NP-induced morphological changes is still lacking.

To this purpose, I employed MUS:OT AuNPs with a gold core diameter of 3.2nm and
fluid-phase DOPC GUVs. Changes in membrane morphology, including tubulation and pore
formation, were studied using a single-vesicle approach, visualizing the vesicles with confocal
fluorescence and phase-contrast microscopy. Labeled GUVs were used to quantify membrane
structures in the presence or absence of NPs, while an SRB fluorescence leakage assay and
phase-contrast imaging allowed detection of pore formation. Image analysis revealed that
incubation with NPs induced morphological changes in GUV membranes, particularly
an increase in external structures, consistent with trends suggested by computational
studies [211]. Importantly, no detectable increase in membrane permeability was observed.
These results are in agreement with previous findings indicating that the amphiphilic coating
of AulNPs stabilizes NP-membrane interactions while preventing disruptive effects on bilayer
integrity [14, 81].

Effect of NPs on regulating membrane permeability under osmotic stress (Chap-
ter 5). In this project, I investigated the effect of NPs on vesicles exposed to a sugar
concentration gradient between the vesicle lumen and the surrounding solution. This gradient
drives water diffusion through the membrane, resulting in changes in vesicle volume. To
monitor these changes, I performed SAXS experiments to obtain quantitative information
on vesicle size and bilayer thickness. The results show that, without NPs, the vesicle radius
increases under hyposmotic conditions due to swelling, and decreases under hyperosmotic
conditions due to shrinking. In the presence of NPs, the effect on vesicles changes, likely due
to a stabilizing effect of NPs on the membrane. Indeed, under non-equilibrium conditions,
the vesicle radius remains similar. This behavior can be explained by the fact that, under
hyposmotic gradient, NPs prevent the membrane from reaching its maximum tension and,
consequently, the maximum expansion volume. Conversely, under hyperosmotic conditions,
NPs can limit membrane reorganization, reducing vesicle shrinking.

To gain a more detailed understanding of these mechanisms, further investigations could
be performed, for example using Laurdan fluorescence measurements. This fluorescent
probe has already been used to study osmotic stress in biomembranes [242] and can provide

information on membrane organization, bending, tension, and dynamics.
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Asymmetric lipid membranes: towards more biomimetic models (Chapter 6).
This project aimed to optimize a protocol to prepare model lipid membranes with en-
hanced biomimicry. To obtain asymmetric vesicles, I employed a cyclodextrin-mediated
lipid exchange protocol combined with the donor-acceptor strategy [34, 281], producing
DOPC/DPPC/DPPS vesicles with a higher fraction of charged lipids in the inner leaflet.
The vesicles were characterized using DLS and zeta potential measurements, providing
information on hydrodynamic diameter and surface charge, respectively. In particular, zeta
potential proved to be a reliable method for validating the efficiency of the protocol by
measuring the fraction of charged lipids in the outer leaflet.

Further studies are required to fully characterize the asymmetry. Future experiments
could include quantitative determination of lipid content in each leaflet (e.g., via nuclear
magnetic resonance [34, 286]) and assessment of long-term stability, in terms of quantification

of the time window in which the asymmetry is maintained.

Future perspectives

The experiments discussed in this thesis have provided new insights into NP-membrane
interactions, paving the way for future investigations. The studies on membrane permeability
in the presence of osmotic stress could be extended to more complex lipid mixtures and to
other biomimetic systems, such as GUVs, allowing direct comparisons of stress-induced effects
across vesicles of different sizes and compositions. Asymmetric vesicles could be employed to
investigate the uptake of both anionic and cationic NPs, enabling a systematic exploration
of electrostatically driven mechanisms of interaction. The fusogenic properties of AuNPs
could be investigated using asymmetric vesicles and GUVs that mimic biologically relevant
lipid compositions, allowing the mimicking of cellular fusion processes. Although challenging,
especially for what concerns the use of asymmetric membranes, these experiments could
yield valuable information both for basic research and for the design of safe fusogenic agents

or drug carriers.






APPENDIX A

Materials and methods for vesicle preparation

For the vesicles used in Chapters 3, 4, 5, and 6, the following lipids were employed:

o 1,2-dioleoyl-sn-glycero-3-phosphocholine (18:1 (A9-cis) PC, DOPC, > 99 %, Avanti
Polar Lipids);

« cholesterol (Chol, > 99 %, Sigma-Aldrich);

o 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (16:0 PC, DPPC, > 99 %, Avanti Polar
Lipids);

o 1,2-dipalmitoyl-sn-glycero-3-phospho-L-serine (16:0 PS, DPPS, sodium salt), > 99 %,
Avanti Polar Lipids);

The first two probes are labelled glycerophospholipids, while the third one is a water-soluble
fluorescent dye. Their chemical structures are shown in Figure A.1.

In addition, the following fluorescent probes were used in the experiments of Chapters 3,
and 4:

« 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2-1,3-benzoxadiazol-4-yl) (18:1
NBD-PE, ammonium salt > 99 %, Avanti Polar Lipids);

 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)
(18:1 Liss Rhod-PE, ammonium salt, > 99 %, Avanti Polar Lipids);

 Sulphorodamine B (acid form) (SRB, dye content 95 %, Sigma-Aldrich)
The chemical structures are shown in Figure A.2.
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Figure A.1 — Chemical structures and corresponding names of the lipids used in the
experiments presented in Chapters 3, 4, 5, and 6.

Figure A.2 — Chemical structures and corresponding names of the fluorescent probes used
in the experiments presented in Chapters 3, and 4.
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A.1 Extrusion method

This method was used for the preparation of both SUVs and LUVs in Chapters 3, 5, and 6.

Lipid stock solutions were prepared in organic solvents, chloroform (CHCl;) was used
for neutral lipids, whereas a chloroform:methanol mixture (2:1, v/v, CHCl;:CH;0H) was
employed for charged lipids. Appropriate stoichiometric amounts of the lipids were withdrawn
from these stock solutions and mixed in a glass vial to achieve the desired total lipid
concentration. A gentle flow of nitrogen was applied to facilitate the evaporation of the
organic solvents. Removal of the solvents resulted in the formation of a uniform lipid film

deposited at the bottom of the vial. The entire procedure was performed in a chemical fume

hood.

The resulting lipid film was kept under vacuum overnight to remove any residual organic
solvent that could hinder vesicle formation. The following day, the film was either stored at
—20°C for future vesicle preparations or used immediately. The film was then rehydrated
with the desired aqueous solution for the experiment, yielding the final lipid concentration.
After vortex mixing for 1 min, the hydrated samples were placed in an ultrasonic bath at
room temperature and sonicated for 15 min. For lipid mixtures with high phase transition
temperatures, the water in the ultrasonic bath was preheated to the desired temperature
and multiple cycles of sonication were performed. This procedure promotes film hydration

and leads to the formation of multilamellar vesicles.

Finally, to obtain monodisperse unilamellar vesicles, the lipid suspension was extruded.
To this purpose, an Avanti Mini-Extruder (Avanti Polar Lipids) equipped with polycarbonate
membranes (Nuclepore filters, Whatman) was used. The membrane pore diameter was
selected according to the desired final vesicle size. When necessary, the system can be

maintained at the required temperature using a heating plate, as shown in Figure A.3a.

The extruder consists of a central body in which a polycarbonate membrane is mounted,
as illustrated in the figure. Two gas-tight glass Hamilton syringes are connected to the device.
An empty syringe is inserted on one side of the mini-extruder (Figure A.3a, left), while
the syringe containing the vesicle suspension is placed on the opposite side (Figure A.3a,
right). By pushing the plunger, the lipid suspension is forced through the polycarbonate
membrane and fills the syringe on the opposite side. This procedure is repeated multiple
times to ensure homogeneity of the vesicle population, ultimately resulting in the filling of

the initially empty syringe.

To ensure that extrusion occurs above the lipid phase transition temperatures, the
instrument is equipped with a support that can be heated to the desired temperature using

a heating plate.
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Figure A.3 — Experimental setup used for extrusion. (a) A fully assembled mini-
extruder placed on a heating plate. (b) Components of the central part of the mini-
extruder (framed in (a)) containing the polycarbonate membrane through which the
vesicle suspension flows during the extrusion process. (c¢) Starting from MLVs, repeated
extrusion through a polycarbonate membrane with a fixed pore size result in a homoge-
neous suspension of unilamellar vesicles.

A.2 Electroformation method

This method was used to prepare GUVs employed in Chapter 4.

The electroformation method is one of the most widely used techniques for the prepa-
ration of GUVs [37]. It is based on the principle of electroswelling and consists in the
formation of vesicles from a multilamellar lipid film deposited on a solid, conductive sur-
face [209] [289]. Subsequently, the film is hydrated and the formation of the GUVs is driven
by an applied alternating electric field. The most commonly used electrodes are indium
tin oxide (ITO)-coated glass slides. Other systems can be employed, including platinum or
stainless steel wires, as well as silicon substrates. However, ITO slides offers the advantage
of providing a larger swelling area resulting in a higher amount of vesicles (Figure A.4a).

For the production of GUVs via electroformation, commercially available systems exist.
Nevertheless, homebuilt systems can be adapted for complex membrane compositions and

various buffers in which the GUVs are grown. Indeed, the two main factors to be considered
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when designing a protocol for GUV preparation are the complexity of the lipid composition
and the buffer. When lipids containing polyunsaturated acyl chains are used, oxidized
products may form. Similarly, the presence of charged lipids may introduce electrostatic
effects that influence vesicle formation. Using the electroformation method, vesicles can be
formed in aqueous solutions or in solutions with low ionic strength. In addition, factors
that may affect the formation of GUVs include the method used for lipid spreading on solid
substrates, which can be performed manually or by spin coating, and the characteristics of
the applied electric field (e.g., amplitude, frequency, and duration), which can significantly
influence the size of the resulting GUVs.

Figure A.4 — Electroformation setup for GUV preparation. (a) Schematic repre-
sentation of the electroformation process showing an AC electric field applied across the
ITO slides which hydrates the lipid film in a sucrose solution, leading to the formation
of GUVs from the multilamellar lipid film. (b) Homebuilt electroformation chamber
composed of two I'TO-coated glass slides separated by a Teflon spacer. Electrical contact
is ensured by copper tape and alligator clips, while the chamber is assembled using office
clamps.

In this work, a standard electroformation protocol was employed to prepare GUVs of
DOPC in a sucrose solution. Before use, the substrates were verified to be electrically
conductive by measuring their resistance using an multimeter. The ITO slides were then
cleaned sequentially with ultrapure water, ethanol, chloroform, ethanol, and ultrapure water,
and then dried under a nitrogen flow. The Teflon spacer was also exposed to a nitrogen flow

in order to remove any residual dust. From the lipid stock solutions, prepared as described
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in the previous section, 10 uL of lipid solution were withdrawn using glass Hamilton syringes
and uniformly spread onto one side of each ITO slide. The slides were then placed in a
desiccator and left to dry for at least 1h to ensure complete removal of the organic solvent.
Subsequently, the electroformation chamber was assembled and filled with a sucrose solution
of known osmolarity, previously measured using an osmometer. The ITO-plate chambers
were then assembled and held together using office clamps, as shown in Figure A.4b. The
electrodes were connected to an AC field generator. The frequency was set to 10 Hz, and the
voltage was adjusted to 1.6 V, the root mean square value was verified with a multimeter. The
electric field was applied for approximately 1h. Finally, approximately 2mL of the solution
containing the GUVs were collected. The vesicles were used immediately for experiments, or

stored and used within the following day.



APPENDIX B

Amphiphilic AuNPs synthesis

In this Appendix, a brief overview of the main steps of the synthesis and the subsequent
characterization by TEM and 'H-NMR is provided. For a complete and detailed description
of the protocol, materials, and TEM images and 'H-NMR spectra analysis, see [74] [87].

The MUS:OT (2:1) AuNPs were synthesized using the thiol-for-oleylamine ligand ex-
change method. This approach allows the preparation of NPs with a very narrow size
distribution, compared to other surface-functionalized AuNP synthetic methods. Control-
ling this parameter is crucial for experiments involving interactions with lipid membranes,
since even small variations in NP size can significantly influence the NP mechanisms of
action [143] [183].

This synthesis follows a two-step procedure in which the NP size is controlled first,
followed by tuning of the surface ligand composition. Thiol-protected AuNPs were prepared
according to the protocol reported by Yang et al. [290], with minor modifications. Briefly,

the main steps of this synthetic strategy include:

o Step 1: controlled growth of the NP Au core. The NPs were synthesized from a Au
precursor dissolved in a mixture of oleylamine (OAm, acting as the capping agent)®

and the hydrocarbon n-octane?

. OAm, combined with stronger reductants, allows
generating spherical OAm-capped AuNPs (OAm-AuNPs) with remarkably narrow size
dispersion. Moreover, the core size can be finely tuned between ~ (1 — 10) nm by
varying the reaction temperature at which the reducing agent is injected. Typical

reaction temperatures are in the range ~ (1 — 50) °C. In general, smaller core sizes are

LOAm is a weakly bound capping agent known to act as a stabilizer, solvent, and reducing agent.

2n-octane is a linear hydrocarbon commonly used as a solvent to optimize the final size dispersion of
OAm-AuNPs.
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favored by higher temperatures. All OAm-AulNPs were washed both in organic solvents

and water, and vacuum-dried before performing the thiol-for-OAm ligand exchange.

o Step 2: formation of the tailored ligand coating. At this stage, the OAm-coated AuNPs
were subjected to the ligand exchange procedure. In thiol-for-OAm ligand exchange,
alkylthiols are partially replaced by thiolated species in a dynamic equilibrium process
to obtain 2:1 MUS:OT monolayer-protected AuNPs. The exchange efficiency depends
on the interaction time and the ligand molar feed ratio. The reaction was carried out

overnight at room temperature under continuous stirring (Figure B.1).

Figure B.1 — Schematic illustration of the thiol-for-OAm ligand exchange on AuNPs in
solution. OAm-coated AuNPs were mixed with an excess of thiol ligands. In the case of
mixed monolayers, such as those used in the experiments of this thesis, predefined ligand
feed ratios were employed. The strong chemisorption of thiols on Au leads to complete
replacement of OAm within ~ (12 — 15) h. Reprinted from [74].

The NPs were characterized by TEM to assess their shape and core size distribution both
before and after the thiol ligand- exchange. OAm-coated AuNPs exhibited average sub-6 nm
diameters a spherical morphology, with standard deviations in the range ~ (0.3 — 0.6) nm.
Monodispersed AuNPs presented a size distribution (i.e., standard deviation/mean diameter -
100) between 20 % and 30 %. In general, smaller NPs were minimally more polydisperse than
larger ones. TEM characterization was repeated after OAm-thiol ligands exchange to verify
the core size remained unchanged. The resulting thiol-protected AuNPs,; originating from
the same OAm-coated precursor, show that this two-step approach enables the production of

monodisperse amphiphilic NPs with the same Au core sizes and different surface mixtures.
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All thiol-functionalized AuNPs were further analyzed by 'H-NMR after iodine etching of
the Au core. This analysis allowed calculation of the final (yield) molar ratio between OT
and MUS thiols and comparison with the initial ligand feed ratio used during the exchange.
In addition, it confirmed the complete removal of OAm, as evidenced by the disappearance
of its characteristic signals in the NMR spectra.

The amphiphilic AuNPs used in this thesis have different core sizes but the same MUS:OT
surface ratio (2:1). As discussed in previous chapters,chapters, they were characterized by

DLS and (-potential measurements prior to experiments with lipid membranes.






APPENDIX C

Molecular weight estimation of AuNPs

The NP molecular weight (MW) depends on both the particle size and the ligand composition
of the coating. Determining the MW of a NP is crucial for calculating the lipid/NP molar ratio,
a key parameter for understanding the mechanisms regulating NP-membrane interactions.
This ratio was used in the experiments presented in this thesis to properly interpret the NP
effects on model lipid membranes.

The mean MW of the NPs was estimated based on the thiolate-protected Au cluster
model reported by Lopez-Acevedo et al [291]. This work considers a NP with a core diameter
of 2nm, composed of 144 Au atoms in icosahedral symmetry, and 60 S atoms bonded on its
surface — i.e. Aul44(SR)60. From these values, an Au volume density of 34.377 atoms/nm?
and a ligand surface density of 4.775 molecules/nm? can be obtained. In addition, for each
NP type, the average core diameters determined by TEM and the surface ligand compositions
obtained from 'H-NMR analysis were used. From the ligand surface density, the number
of ligands on each NP can be estimated by multiplying this value by the NP surface area.
Similarly, the number of Au atoms for each NP can be obtained from the Au volume density
by multiplying it by the NP volume. After the number of Au atoms and ligands has been
determined, the MW of the NP can be calculated. For Au, an atomic weight of 197 gmol ™!
was used. The molecular weights of the ligands were calculated from the atomic weight of
their constituent atoms. In particular, it has been obtained 266.42 gmol ™" for MUS and

145.28 gmol ™! for OT, according to their chemical formulas.
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Finally, the MW of the NP can be obtained by summing the MW contributions of the
Au atoms and the ligands, considering the molar ratios. Based on these calculations, the

following MWs were determined for the NPs used in this thesis:
 2.4nm core diameter, 2:1 MUS:OT (-), 68 689 gmol '
« 3.2nm core diameter, 2:1 MUS:OT (-), 151163 gmol "

 4.8nm core diameter, 2:1 MUS:OT (-), 470836 g mol !
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